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Abbreviation list 

 

cCMP 2’,3’-cyclic cytidine monophosphate 

cGMP 2’,3’-cyclic guanosine monophosphate 

CUMP 2’,3’-cyclic uridine monophosphate 

3’-CMP cytidine 3’-monophosphate 

CpMe cytidine 3’-methylphosphate 

EDTA ethylenediaminetetra-acetic acid 

EG ethylene glycol 

FPLC™ Fast Protein Liquid Chromatography 

2’-GMP 2’-guanosine monophosphate 

3’-GMP guanosine 3’-monophosphate 

GMP guanosine monophosphate 

GpA guanylyl 3’,5’-adenosine 

GpC guanylyl 3’,5’-cytidine 

GpChloro guanosine 3’-2-chloroethylphosphate 

GpEG guanosine 3’-(ethylene glycolphosphate) 

GpEt guanosine 3’-ethylphosphate 

GpMe guanosine 3’-methylphosphate 

GpMethoxy guanosine 3’-methoxyethylphosphate 

GpU guanylyl 3’,5’-uridine 

HPLC High Performance Liquid Chromatography  
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IpU inosine 3’,5’-uridine 

IS ionic strength 

LFR linear free energy relationship 

MPD 2-methyl 2,4-pentanediol 

NpN 3’,5’-linked dinucleoside phospate compound  

PCR polymerase chain reaction 

rms root mean square 

RNA Ribonucleic acid 

RNase Ribonuclease 

RP cGMP(S) RP (endo) isomer of guanosine 2’,3’-

cyclophosphorothioate 

RP Gp(S)U RP isomer of guanylyl 3’,5’- uridine phosphorothioate  

SP cGMP(S) SP (exo) isomer of guanosine 2’,3’-

cyclophosphorothioate 

SP Gp(S)U SP isomer of guanylyl 3’,5’- uridine phosphorothioate 

TBP  trigonal bipyramidal 

3’-UMP uridine 3’-monophosphate 
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1 Introduction 

1.1 Transition State Theory and Catalysis 

Of all biochemical events, enzyme catalysis is perhaps the most intriguing. 

Enzymes accelerate intrinsically slow biochemical reactions up to 1017-fold, allowing 

the conversion of substrates to products in milliseconds, the synthesis of proteins in 

seconds, the generation of bacteria in minutes… For any chemical reaction, the step 

in which the intermediate with the highest free energy occurs, determines the overall 

rate of the reaction. This high-energy intermediate is known as the transition state. 

The transition state is essentially hypothetical because it can not be observed 

directly. In the simplest transition state theory, the highest energy intermediate is 

postulated to break down to product at the vibrational frequency of a covalent bond n  

h

k TB=n       (1.1) 

where kB is Boltzmann’s constant (1.38 1023 J.K-1), T the absolute temperature and h 

Planck’s constant (6.63 10-34 J.s). At 25 °C, n = 6.2 1012 s-1. This frequency is 

assumed to be the same for all transition states. It follows that the observed rate 

constant kobs for a particular reaction is determined by the extent to which the 

transition state is populated. The population of the transition state S‡ is correlated to 

its free energy relative to the initial reactant S : 

[ ]
obs

RTln
S

S
RTlnG

‡

‡

k
n

=

��
�

��
�

=D     (1.2) 

where R is the gas constant (8.314 J mol-1 K-1). Because it has the highest free 

energy, the transition state is also the least populated species along the reaction 

pathway. The higher the free energy of the transition state, the less populated it is 

and hence the slower the reaction. A reaction with no free energy barrier occurs at 

the vibrational frequency rate n = 6.2 1012 s-1 at 25 °C.  
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Transition state theory is universally used to interpret the kinetics of chemical 

reactions. Analysis of a complicated chemical process is achieved by comparison of 

two physical entities, (i) the reagent S in the ground state and (ii) the transition state 

S‡ (Figure 1.1). The free energy difference between both entities measures the rate 

at which reagent S is converted to product P.  

Figure 1.1 Simplified free energy profile of an uncatalyzed reaction (magenta) and a 

reaction catalyzed by an enzyme (blue). The relative free energies of the 

substrate S, the transition state S‡, and the product P are shown when free 

and when bound to the enzyme E. Note that Km = (k-1 + kcat)/k1, but in most 

cases k-1 >> kcat so that Km approaches the dissociation constant Ks.  

In modern enzymology as well, transition state theory provides the theoretical 

basis to analyze structure-function relationships in the enzyme-substrate complex 

ES

S

S

ES
DG(kuncat)

DG(Km)
DG(kcat)

Reaction coordinate

EP

DG(KTS)

DG(kcat/Km)

P

ESE + S E + P
k-2

k-1 kcat

S P
kuncat

uncatalyzed reaction :

enzyme-catalyzed reaction :
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(Fersht A.R., 1985). Figure 1.1 illustrates the free energy profile of an uncatalyzed 

reaction versus an enzyme-catalyzed reaction. The free energy barrier of the 

uncatalyzed reaction is given by the free energy of S‡ relative to S. The free energy 

barrier of the enzyme-catalyzed reaction is given by the free energy of ES‡ relative to 

S. A reaction is thus catalyzed (accelerated) by an enzyme when the free energy of 

ES‡ is lower than the free energy of S‡. The larger this free energy difference 

DG(KTS), the larger the rate acceleration. It is clear from Figure 1.2 that the apparent 

equilibrium dissociation constant KTS connecting the enzyme-catalyzed to the 

uncatalyzed reaction (Equation 1.3) measures the affinity of the enzyme for the 

transition state of the catalyzed reaction. 

Figure 1.2 Thermodynamic cycle comparing an uncatalyzed transformation of a reactant 

S in solution through its transition state S‡ to a product molecule P with the 

same reaction catalyzed by an enzyme E from its ground state ES through its 

transition state ES‡ (Lienhard G.E., 1973).  

��
�

��
�

��
�

��
�

==
‡

‡

ES

S

/
 

  
mcat

uncat

TS Kk
k

K      (1.3) 

Following this transition state theory, molecular recognition is applicable to 

enzyme catalysis. Indeed, understanding an enzyme’s efficiency as a catalyst can be 

E + S

E + S

E + (S)

(E    S)

E + P

E + P

K º 1 KTS

kuncat

kcat

Km
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reduced to understanding how the enzyme binds the transition state of the reaction. 

Pauling’s prediction that the transition state should bind to the enzyme much more 

tightly than the substrate (Pauling L., 1948) is supported by experimental results with 

stable analogues of transition states for various model enzymes (Lienhard G.E., 

1973) including ribonuclease (Lindquist R.N. et al., 1973), lysozyme (Secemski I.I. & 

Lienhard G.E., 1974), chymotrypsin (Fastrez J. & Fersht A.R., 1973), cytidine 

deaminase (Cohen R.M. & Wolfenden R., 1971) and nucleoside hydrolases 

(Schramm V.L., 1998). Since the formation of a productive enzyme-substrate 

complex is elementary to every enzyme-catalyzed reaction, insight in enzyme 

function ultimately requires detailed mapping of all intermolecular enzyme-substrate 

interactions during the complete course of the reaction.  

Despite intensive research on the structure-function relation of a number of 

model enzymes, relatively little is known about the detailed structure of the enzyme-

substrate complex and the corresponding transition state (Lolis E. & Petsko G.A., 

1990). Initially, the effects of chemically modified substrates on the kinetic 

parameters were studied (section 1.2). These experiments provided a means of 

determining that part of the substrate which is involved in binding and/or catalysis. 

Later, the advent of recombinant DNA technology allowed the alteration of side 

chains in an enzyme (section 1.3). Comparison of the kinetic parameters for wild 

type and mutant enzymes thus provided a means to identify individual substituents 

or side chains that are involved in binding and/or catalysis. Unfortunately, neither 

chemically modified substrates, nor site-directed mutants allow the identification of 

individual intermolecular contacts. The combination of both experimental 

approaches, however, does provide a means to pinpoint intermolecular interactions 

in the enzyme-substrate complex (section 1.4). In the doctoral work presented here, 

the latter technique has been exploited to probe the catalytic interactions of the 

model enzyme RNase T1 with the relevant phosphoryl oxygen atoms in the RNA 

substrate (sections 4, 5, and 7). The identification of such catalytic interactions has 

led to a novel mechanistic proposal for RNase T1-catalyzed phosphoryl transfer 

(section 6). Moreover, the study has shed light on the energetics of RNase catalyzed 

reactions (section 2) and on the involvement of aromatic stacking in the substrate 

binding process (section 3).  
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1.2 Classical experiments 

The essence of binding between enzymes and substrates is the matching of 

complementary surfaces; polar residues match up with neutralizing partners, non-

polar residues pair with polar residues. The first experimental evidence for the 

utilization of binding energy in catalysis comes historically from structure-activity 

relationships using substrate analogues. Serine proteases, such as chymotrypsin 

(Baumann W.K. et al., 1973; Bauer C.A., 1978; Bizzozero S.A. et al., 1982), elastase 

(Thompson R.C. & Blout E.R., 1973), pepsin (Sachdev G.P. & Fruton J.S., 1970; 

Sachdev G.P. & Fruton J.S., 1975) and a-lytic protease (Bauer C.A. et al., 1981) 

proved ideal model enzymes for such an approach. In these experiments the 

contribution of a functional group s of the substrate S in an enzyme-substrate 

complex was analyzed using substrate analogues in which the functional group 

under investigation s is chemically modified. The effect of this substitution on the 

kinetic parameters of the enzyme E indicates involvement of the particular group in 

the catalytic process (Fersht A.R., 1985) (Figure 1.3).  

Figure 1.3 Schematic representation of a substrate modificaton. 

The effect of varying chain length of peptide substrates on the catalytic 

efficiency of serine proteases showed that these enzymes hydrolyze long peptides 

faster than short peptides. These results proved that the serine proteases contain 

subsites that bind multiple amino acids of a polymeric substrate. The binding of 

multiple monomers in these subsites contributes to a more efficient hydrolysis of the 

substrate. Unfortunately, these experiments do not indicate which amino acids of the 

protease active site are part of the subsites.  

E

se

S
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1.3 The protein engineering approach 

Protein chemistry is an extensive and highly developed area of organic 

chemistry that deals with the chemical modification of proteins. The objective is to 

modify residues in proteins chemically, either to provide mechanistic information or 

to produce useful alterations of activity (Glazer A.N., 1970; Shaw E., 1970). 

Chemical modification has been exploited to search for unusually reactive side 

chains by their high reaction rates with modifying agents and to measure the degree 

of exposure of these groups (Creighton T.E., 1993). From the pH dependence of 

their reactivities, the pKa values and ionic states of these reactive groups could be 

determined. Chemical modification has also been used to irreversibly inhibit 

enzymatic activity. Catalytically important groups of an enzyme could be assessed 

by noting the effect of modification on reaction rates. Initially, chemical modification 

of enzymes provided the sole tool to identify active site residues (Takahashi K., 

1970a; Takahashi K., 1970b). Since the late 1970’s, an enormous progress has 

been made in the field of molecular biology (Wallace R.B. et al., 1980; Maniatis T. et 

al., 1982). Site-directed mutagenesis has been achieved via a variety of technical 

approaches (Hutchison C.A. et al., 1978; Razin A. et al., 1978; Stanssens P. et al., 

1989; Chen B. & Przybyla A.E., 1994) and has allowed the facile alteration of 

individual side chains in a protein. This technique has been applied extensively to 

study the role of individual amino acids in protein structure and function. In enzymes, 

the contribution of a particular amino acid e to binding/catalysis can be determined 

by analyzing the effect of the directed mutation (e.g. removal of a side chain) on the 

kinetic parameters (Fersht A.R., 1985) (Figure 1.4).  

The analysis of the structure-function relation in tyrosyl-tRNA synthetase of 

Bacillus Stearothermophilus (Winter G. et al., 1982; Wilkinson A.J. et al., 1983; 

Fersht A.R. et al., 1986) via site-directed mutagenesis is a classical example. This 

approach suffers the same shortcoming as the modified substrate strategy described 

in the previous section. From these experiments, it can not be determined which part 

of the substrate s interacts with which amino acid e.  
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Figure 1.4 The protein engineering approach. 

1.4 Combined use of site-directed mutagenesis and m odified substrates 

The coupling of the traditional use of modified substrates to the use of site-

directed mutants is a powerful technique to identify intermolecular contacts in 

enzyme catalysis (Steyaert J. et al., 1991; Phillips M.A. et al., 1992; Steyaert J. et al., 

1992). The intermolecular interactions in an enzyme-substrate complex ES can be 

studied with thermodynamic cycles of the kind depicted in Figure 1.5 (Ackers G.K. & 

Smith F.R., 1985; Horovitz A., 1996). In such a study, e and s represent functional 

groups of the enzyme and substrate, respectively, while o symbolizes the elimination 

of e via mutagenesis or s via modification. DG(es� os) and DG(eo� oo) measure the free 

energy change after mutation of residue e in the presence and absence of group s, 

respectively. DG(es� eo) and DG(os� oo) are defined similarly for the elimination of s. DG 

values equal the contributions of e or s to binding or catalysis, depending on whether 

they were calculated from the effect on the binding constant Ks [DGbind = - RT ln 

(Ks
group� o/Ks)] or the turnover number kcat [DGcat = + RT ln (kcat

group� o/kcat)]. If the 

effects of two substitutions (s� o en e� o) are interdependent, the coupling term 

differs from zero [DDG = DG(eo� oo) - DG(es� os) = DG(os� oo) - DG  (es� eo) ¹  0]. The 

coupling energy measures the apparent interaction energy between residue e and 

substrate group s. Contrary to the previously mentioned techniques based on 

modified substrates (section 1.2) or mutant enzymes (section 1.3), this new 

methodology permits the mapping of both interacting partners in an intermolecular 

contact and the apparent quantification of individual interactions to binding/catalysis. 

E

se

S
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The approach is conceptually identical to the use of double mutant cycles to study 

intramolecular interactions (Horovitz A., 1996). The combined use of site-directed 

mutagenesis and chemically modified substrates has previously been applied to the 

model enzyme RNase T1 (Steyaert J. et al., 1994). Following a similar technical 

approach, the studies presented in this thesis unveil intermolecular contacts in the 

enzyme-substrate complex that are particularly relevant to the transition state of the 

catalyzed reaction (Loverix S. et al., 1998b; Loverix S. et al., 2000).  

Figure 1.5 Thermodynamic cycle for the quantification of intermolecular enzyme-

substrate interactions. 

1.5 RNase T1, a model system for protein engineering 

Ribonucleases (EC 3.1.27.-) have played a central part in the development of 

enzymology. They are small and stable, hence easy to purify, sequence and study 

via X-ray diffraction, NMR spectroscopy and other biophysical techniques. Inquiries 

into their structure and function have been awarded with the 1972 Nobel Prize in 

E

se

S

DG(eo� oo)

DG(os� oo)

DG(es� os)

DG(es� eo)
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Chemistry. The prize was shared between Anfinsen, for his work concerning the 

connection between the amino acid sequence and the biologically active 

conformation of proteins (Anfinsen C.B., 1973), and Moore and Stein, for their 

contribution to the understanding of the relationship between chemical structure and 

catalytic activity of the active centre of RNase A (Moore S. & Stein W.H., 1973). In 

1984, Merrifield received the Nobel Prize for the solid phase synthesis of RNase A.  

RNases hydrolyze single-stranded RNA in a two-step mechanism (Findlay D. 

et al., 1961). The first step is a transphosphorylation reaction yielding a 2’,3’-cyclic 

phosphate. This cyclic intermediate is hydrolyzed by a water molecule to a 3’-

phosphate in a second, separate step (Figure 1.6). The transphosphorylation 

reaction consists of an associative nucleophilic displacement at the phosphorus of 

the 5’-leaving group by the entering 2’-oxygen. The displacement at phosphorus 

occurs in-line (Eckstein F. et al., 1972a; Eckstein F. et al., 1972b), implying a 

catalytic acid and base that interact with the apical oxygens in a trigonal bipyramidal 

(TBP) transition state. Despite 50 years of research, the mechanistic details of the 

catalyzed reaction are still a matter of considerable debate (Herschlag D., 1994; 

Breslow R. & Chapman W.H.Jr., 1996).  

Pancreatic RNase A (Bos taurus; EC 3.1.27.5), the best known member of the 

homologous family of vertebrate RNases (Beintema J.J., 1998a; Beintema J.J. & 

Kleineidam R.G., 1998b) is one of the most thoroughly investigated enzymes (see 

recent review by Raines (1998) for references). RNase A was the first enzyme to be 

sequenced. The nature of the enzymatic mechanism was untangled (Findlay D. et 

al., 1961) years before the X-ray structure was solved (Kartha G. et al., 1967; 

Wyckoff H.W. et al., 1970).  
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Figure 1.6 Classical two-step mechanism for the hydrolysis of RNA by RNases: 

cyclization followed by hydrolysis.  

RNase T1 (EC 3.1.27.3) is the best known representative of a large family of 

homologous microbial RNases with members in the prokaryotic and the eukaryotic 

worlds (Hartley R.W., 1980; Hill C. et al., 1983). RNase T1, a guanine-specific 

RNase, was first isolated by Sato and Egami (Sato K. & Egami F., 1957) from 

TakaDiastase, an enzyme extract from the slime mold Aspergillus oryzae that is 

used in the brewing of sake. RNase T1 is a small (Mr 11,084), stable, acidic protein, it 

resists high temperatures and pH extremes. The enzyme contains one polypeptide 

chain of 104 residues and 2 intramolecular disulfide bonds linking Cys2 with Cys10 

and Cys6 with Cys 103 (Takahashi K., 1965). The three-dimensional structure of 

RNase T1, complexed with the competitive inhibitor 2’-GMP was solved via X-ray 

crystallography (Heinemann U. & Saenger W., 1982; Arni R. et al., 1988). The 

general fold consists of a 4.5-turn a-helix and two antiparallel b-sheets, connected 

through a series of wide loops (Figure 1.7). The residues implicated in catalysis are 

anchored in the major b-sheet, while residues in loop regions define guanine 

specificity. It is an apparent paradox that RNase T1 is an acidic protein exhibiting an 

isoelectric point of 3.8 (Kanaya S. & Uchida T., 1981), while its function is to bind 

and degrade negatively charged nucleic acids. The charge distribution is however 

such that the positive charges cluster in a narrow zone, the enzyme active site 

(Heinemann U. & Saenger W., 1982).  
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Figure 1.7 Ribbon drawing of the three-dimensional structure of RNase T1 in complex 

with 2’-GMP (shown in ball-and-stick representation). 

Original studies (Sato K. & Egami F., 1957) including the characterization of 

the primary structure were carried out on RNase T1 isolated from TakaDiastase 

powder (Sankyo Co., Ltd., Tokyo). The amino acid sequence of this enzyme was 

characterized by Gln at position 25 (Takahashi K., 1965; Takahashi K., 1985). 

However, the first crystallographic structure of RNase T1 was determined from a 

preparation of the enzyme from a different source (Heinemann U. & Saenger W., 

1982). It was shown to be a variant form containing Lys at position 25. Gln25 RNase 

T1 is less stable than Lys25 RNase T1, but there is no detectable difference in 

catalytic activity between both variants (Shirley B.A. et al., 1989). All RNase T1 

enzymes described in this work are of the isoform containing a lysine at position 25.  

More than 1140 scientific papers have been published in which RNase T1 

appears, either as the primary object of investigation, or as a tool to investigate a 

diversity of biochemical events. RNase T1 has been a paradigm for the study of (1) 

protein stability, (2) protein folding (3) protein hydration and (4) enzyme catalysis.  
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(1) It has been established that the contribution of hydrogen bonding to the 

conformational stability of RNase T1 amounts to about 110 kcal/mol, which is 

comparable to the contribution of the hydrophobic effect (Shirley B.A. et al., 1992). 

For 30 years, the prevailing view had been that the hydrophobic effect contributes 

considerably more than hydrogen bonding to the conformational stability of globular 

proteins.  

(2) Protein folding, associated with the formation and the reshuffling of 

disulfide bonds, has been studied thoroughly using RNase T1 as the model protein 

(Pace C.N. & Creighton T.E., 1986; Mucke M. & Schmid F.X., 1994a; Mucke M. & 

Schmid F.X., 1994b; Ruoppolo M. & Freedman R.B., 1995; Ruoppolo M. et al., 

1996). RNase T1 needs its native disulfide bonds intact in order to remain 

enzymatically active. A reduced and carbamidomethylated variant of RNase T1, 

RCAM-T1, can not fold to completion because the two disulfide bonds are missing. 

RCAM-T1 has been shown to regain activity in the presence of trimethylammonium 

N-oxide, a naturally occuring osmolyte that counteracts the effects of urea on protein 

stability (Lin T.Y. & Timasheff S.N., 1994; Baskakov I. & Bolen D.W., 1998). RCAM-

T1 is a good model for long-lived intermediates in protein folding and has been used 

to study chaperonine function. It has been shown that the chaperonine GroEL does 

not catalyze the unfolding of RCAM-T1, but binds with high affinity to the unfolded 

form of the protein and thereby shifts the overall equilibrium toward the unfolded 

state (Walter S. et al., 1996).  

(3) RNase T1 has proven to be an excellent model system to study the 

dynamics and stabilizing properties of protein hydration (Langhorst U. et al., 1999). 

The enzyme contains a number of structural water molecules that form an integral 

part of its architecture (Loris R. et al., 1999).  

(4) The construction of a suitable expression vector has allowed 

overproduction of RNase T1 in Escherichia coli (Steyaert J. et al., 1990) and 

rendered the enzyme amenable to extensive research via protein engineering 

(Steyaert J., 1997). Dozens of mutants have been constructed and the investigation 

of their properties has led to insights in substrate binding and catalysis. The enzyme 

has reached perfection (Albery W.J. & Knowles J.R., 1976) combining slow 

dissociation at the guanine binding site (low k-1) and fast turnover (high k2) through 
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interacions with the phosphate moiety and the leaving group (Figure 1.8). For 

particular substrates, k2 > k-1, leading to kcat/Km values equal to k1. For RNase T1, the 

rate-limiting step of the transphosphorylation reaction depends on the leaving group, 

as evidenced from viscosity effects on the second-order rate constant kcat/Km 

(Steyaert J. et al., 1991). The transphosphorylation rate (kcat/Km) of the dinucleoside 

phosphate substrate GpC is limited by the association of enzyme and substrate (k1), 

whereas that of GpU is limited by the chemical step of the reaction (kcat/Ks). Wild 

type RNase T1 thus follows Briggs-Haldane kinetics for GpC (Figure 1.8) and 

Michaelis-Menten kinetics for GpU. The kinetics for GpA are intermediary to these 

limits. 

Figure 1.8 The perfection of RNase T1. Slow dissociation (k-1) of the substrate is 

accomplished at the primary binding site (in blue) whereas fast turnover (kcat) 

originates from interactions with the 2’-hydroxyl nucleophile, the phosphate 

moiety and the 5’-leaving group (in red).  
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1.5.1 Slow substrate dissociation 

RNase T1 binds guanine ~ 106-fold stronger than adenine whereas no binding 

is observed for cytosine or uracil (Walz F.G. et al., 1979). The structural motif that 

renders RNase T1 guanine specificity is depicted in Figure 1.9. The oxygens of the 

Glu46 carboxylate and the Asn98 main chain carbonyl act as hydrogen bond 

acceptors for the N(1)H-C(2)-N(2)H2 part of the guanine base. Kinetic studies on wild 

type and Glu46Ala RNase T1 with the substrates GpU and IpU allowed quantification 

of the apparent contribution to substrate binding of the N(1)H•••-Oe1-Glu46, N(2)H•••-

Oe2-Glu46 and N(2)H•••O-Asn98 hydrogen bonds to be 2.7, 1.1 and 1.2 kcal/mol 

respectively (Steyaert J. et al., 1991). The exocyclic oxygen of the base forms two 

hydrogen bonds with the backbone nitrogens of residues 44 and 45.  

Figure 1.9 The guanine binding site in the refined X-ray structure of RNase T1 complexed 

with the inhibitor 2’-GMP (Arni R. et al., 1988). The phosphoribose moiety of 

the inhibitor is omitted for clarity. Oxygen atoms are coloured red, nitrogen 

atoms blue. Carbon atoms are black in the protein and green in the guanine 

base. Hydrogen bonds are represented by thin lines.  
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Moreover, the X-ray structure shows that the guanine base is stacked 

between the phenolic side chains of Tyr42 and Tyr45. Section 3 describes a study of 

the contribution of these aromatic stacking interactions to substrate binding. The 

potential cooperativity between stacking and hydrogen bonding with the base has 

been probed via double mutant cycle analysis (Loverix S. et al., 1997).  

1.5.2 Fast turnover 

Early chemical modification studies by Takahashi and co-workers (Takahashi 

K. et al., 1970) indicated that Glu58, Arg77 and ‘one or two histidines’ are part of the 

active site of RNase T1. Later, comparison of the crystal structures of five microbial 

RNases and alignment of their amino acid sequences unveiled the structural and 

sequence homology of a RNase superfamily spanning the greatest evolutionary 

divide of all, with members from the prokaryotes and eukaryotes (Hill C. et al., 1983). 

The conservation of amino acids in such a family is indicative of their structural or 

functional role (Poteete A.R. et al., 1992). Among these conserved residues, Tyr38 

and His40 are absent in the prokaryotes, but Glu58, Arg77, His92 and Phe100 are 

fully conserved (Figure 1.10). These findings paved the way towards rational 

mutagenesis studies on RNase T1 (Ikehara M. et al., 1986; Nishikawa S. et al., 

1986). Over the years, it has been established that Tyr38, His40, Glu58, His92, and 

Phe100 are involved in the catalysis of RNA degradation (Steyaert J., 1997). On the 

basis of the poor catalytic activity of the His40Ala and His92Ala mutants, and the 

observation that any mutant at position 58 retains considerable catalytic activity, it 

was proposed that RNase T1 uses two histidines as the catalytic acid-base pair, like 

RNase A (Nishikawa S. et al., 1987). A careful analysis of the pH dependence of 

these mutants, however, demonstrated that His40 acts as a catalytic base when the 

true catalytic base Glu58 is replaced by alanine (Steyaert J. et al., 1990). Wild type 

RNase T1 displays a pH profile with a broad optimum (pH 4–7), whereas the pH 

profile for Glu58Ala RNase T1 is bell-shaped with an optimum around pH 6.5, 

resembling that of RNase A. The altered reaction mechanism for the Glu58Ala 

mutant of RNase T1 emphasizes that the interpretation of results from mutagenesis 

studies is not always straightforward.  
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Figure 1.10 The active site in unliganded RNase T1 (Martinez-Oyanedel et al., 1991) (left), 

and in the complex with 3’-GMP (Zegers et al., 1994) (right). Oxygen atoms 

are coloured red, nitrogen atoms blue and phosphorus magenta. Carbon 

atoms are black in the protein and green in the guanine base. Hydrogen 

bonds are represented by thin gray lines.  

Today, it is generally accepted that, during cyclization, Glu58 and His92 serve 

as the catalytic base and acid, respectively (Steyaert J. et al., 1990; De Vos S. et al., 

1998). During hydrolysis, the roles of Glu58 and His92 are reversed, with Glu58 

being the general acid and His92 the general base that abstracts a proton from the 

attacking water molecule. His92 has a surprisingly high pKa value of 7.8 (McNutt M. 

et al., 1990), resulting from the proximity of the Glu58 carboxylate and a His92-

N+
eH•••O-Asn99 hydrogen bond that contributes 1 kcal/mol to the conformational 

stability of the protein (De Vos S. et al., 1998). This hydrogen bond forms 

preferentially when the histidine is protonated and immobilizes the loop between 

residues 91 and 101, thus orienting the catalytic acid optimally for protonation of the 

leaving group.  
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On the basis of the X-ray structure of RNase T1 in complex with the minimal 

substrate 3’-GMP (Heydenreich A. et al., 1993) and the fact that the effects of the 

Glu58Ala and His40Ala mutations are not additive in the corresponding double 

mutant (Steyaert J. & Wyns L., 1993), it is currently believed that the protonated 

His40 imidazole (pKa 7.9) engages the 2’-OH in a cooperative hydrogen bond with 

Glu58 (His40-N+
eH•••O2’-H•••O-

e-Glu58) to activate the nucleophile. These two 

residues constitute the 2’-OH subsite of RNase T1, which is lacking in RNase A, as 

evidenced in ribose/deoxyribose nucleotide binding studies. It was found that the 

affinity of RNase T1 for 3’-GMP is considerably higher than that for 3’-dGMP (Walz 

F.G.J., 1977), but the opposite was true for RNase A, which has significantly greater 

affinity for 3’-dUMP than for 3’-UMP (Walz F.G.J., 1971). The hydroxyl group of 

Tyr38 and the phenyl group of Phe100 are involved in transition state binding, as is 

evidenced from kinetic studies on the Tyr38Phe (Steyaert J. et al., 1991) and 

Phe100Ala (Doumen J. et al., 1996) mutants. Phe100 is located at the bottom of the 

catalytic site and is surrounded by the catalytic acid His92, the catalytic base Glu58, 

and Arg77. The Phe100 side chain exerts its catalytic function independently from 

the leaving nucleoside of the substrate or the general acid His92. Interestingly, 

Phe100 and His92 depend on one another to stabilize the ground state, albeit their 

contribution to binding is moderate. Phe100 has been proposed to tailor the dielectric 

constant of the active site micro-environment, hence strengthening electrostatic 

interactions in the transition state. Nevertheless, novel experiments remain 

necessary to probe the function of Phe100. Early chemical modification studies 

implied Arg77 as a part of the active site (Takahashi K., 1970b). The guanidinium 

group of Arg77 reacts with phenyl glyoxal to form a covalent adduct. It is not clear 

whether the observed decrease in catalytic activity upon treatment with phenyl 

glyoxal is due to a disruption of catalytic interactions with Arg77 or to a mere 

obstruction of the active site. The interactions of Arg77 with the transition state 

remain obscure because the function of this residue can not be probed by site-

directed mutagenesis. The guanidinium group of this residue has a unique structural 

role that can not be fulfilled by any other natural amino acid.  

At the start of this thesis, we set out to further establish the functional roles of 

the active site residues. The main focus has been on the catalytic interactions with 
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the different phosphate oxygens. For an organic chemist, the two nonbridging 

oxygens of a phosphoryl group in RNA are chemically equivalent. These oxygens 

take up equatorial positions in the TBP transition states of catalyzed and uncatalyzed 

reactions. However, an enzyme active site can bind these oxygens in different micro-

environments. In this work, we analyzed the catalytic interactions of RNase T1 with 

these individual nonbridging oxygens by thiosubstitutions (sections 4 and 5). In a 3’-

nucleotide, the three nonbridging oxygens of the phosphate are chemically 

equivalent. In a RNase active site these oxygens are bound in a specific ground 

state configuration and one of the three oxygens is bound to be displaced as a water 

molecule upon nucleophilic attack by the 2’-nucleophile (section 2). Interactions of 

RNase T1 with this leaving oxygen which takes up an apical position in the TBP 

transition state have been studied with linear free energy relationships (LFR’s) 

(section 7). 
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2 Energetics of RNA hydrolysis 

Reconsidering the energetics of ribonuclease catalysed RNA hydrolysis. (1998) 

Loverix S., Laus G., Martins J.C., Wyns L. & Steyaert, J. Eur. J. Biochem. 257, pp. 

286-290. 

2.1 The RNase catalyzed reactions 

Fission of the phosphodiester linkage is of central biochemical importance. 

Ribonucleases catalyze the hydrolysis of P-O5’ phosphodiester bonds of single-

stranded RNA. The classical mechanism involves a reversible transphosphorylation 

reaction yielding a 2’,3’-cyclophosphate (Figure 2.1 a). In a second, separate step, 

this cyclic product is hydrolyzed by a water molecule to yield a free 3’-phosphate 

(Cuchillo C.M. et al., 1993; Thompson J.E. et al., 1994b). Both catalyzed reactions 

consist of associative nucleophilic displacements at the phosphorus. The reactions 

follow a concerted in-line mechanism with a trigonal bipyramidal transition state, 

implying a base and an acid located on either side of the scissile bond (Usher D.A., 

1969; Eckstein F. et al., 1972b). 

In principle, all chemical reactions are reversible. Biochemists simply adopt a 

convenient nomenclature of ‘irreversible’ versus ‘reversible’ based upon quantitative 

differences in the energetics of the forward and the reverse reactions. Most authors 

consider the ribonuclease catalyzed hydrolysis step to be quasi irreversible. Older 

literature, however, indicates that 2’,3’-cyclic nucleotides can be synthesized from 3’-

nucleotides by RNase A (Bahr J.B. et al., 1965; del Rosario E.J. & Hammes G.G., 

1969). I reanalyzed the reversibility of the ribonuclease catalyzed hydrolysis step 

qualitatively and quantitatively using isotope exchange and intermediate trapping 

experiments. The present study reveals new aspects of the energetics of 

ribonuclease catalysis.  
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Figure 2.1 The chemistry of ribonuclease catalyzed reactions: (a) Classic mechanism 

involving a reversible transphosphorylation followed by an irreversible 

hydrolysis step. (b) Revised mechanism considering a single transferase 

equilibrium. A represents a catalytic acid, B represents a catalytic base. 

2.2 Ribonucleases are transferases, rather than hyd rolases 

In order to further establish the reversibility of the hydrolysis step qualitatively, 

I measured the susceptibility of the free 3’-phosphate end of ribonucleotides to 

cyclization in the presence of RNase A and RNase T1. 3’-GMP was incubated with 

RNase T1 in the presence of 40 % (v/v) methanol as a scavenger for 2’,3’-cGMP. 

After chromatographic separation of the reaction mixture, small but significant 

amounts of 2’,3’-cGMP and GpMe were found (Figure 2.2). Similarly, RNase A 

synthesizes significant quantities of 2’,3’-cCMP and CpMe, starting from 3’-CMP in a 

water/methanol mixture.  
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Neither cyclic, nor diester phosphates were observed in the absence of 

RNase. These observations are consistent with experiments of Bahr et al. (Bahr J.B. 

et al., 1965) who found that small amounts of 14C-labelled 3’-CMP are converted to 

2’,3’-cCMP by RNase A. Similarly, 3’-UMP is converted enzymatically to 2’,3’-cUMP 

(del Rosario E.J. & Hammes G.G., 1969). Taken together, these results indicate that 

both RNase A and RNase T1 catalyze the nucleophilic attack of the 2’-hydroxyl 

nucleophile on the 3’-phosphate monoester (Figure 2.1 b).  

Figure 2.2 Progress curves for the RNase T1 catalyzed transferase reactions: 3’-GMP 

(s ), GpMe (l ) and cGMP (n ).  

To quantify the reversibility of the hydrolysis step, I analyzed the enzyme 

catalyzed wash-in of solvent 18O into 3’-nucleotides as a function of time. Consistent 

with an enzyme-catalyzed equilibrium between 3’-CMP and 2’,3’-cCMP, exchange of 

solvent 18O for 16O at three positions (Figure 2.3) upon incubation of 3’-CMP with 

RNase A in H2
18O is observed. Due to exchange of all nonbridging phosphate 

oxygens for solvent oxygen, the molecular mass of 3’-CMP (322 Da) increases 

progressively with 2, 4 and 6 Da until equilibrium is reached. A control experiment 

where 3’-CMP was dissolved in H2
18O in the absence of enzyme showed no 

detectable 18O exchange of any of the phosphate oxygens upon incubation 
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overnight. Because of the overwhelming concentration of water, the rate constant for 

cyclization can be derived from the time dependent increase of the species with a 

molecular weight of 324 Da. Indeed, there is no accumulation of 2’,3’-cCMP under 

the given experimental conditions, indicating that the formation, rather than the 

hydrolysis of 2’,3’-cCMP is rate-limiting. The rate of formation of 3’-CMP with a 

molecular mass of 324 Da equals Vmax because [3’-CMP] >> Km (see experimental 

procedures). kcat for the RNase A catalyzed cyclization of 3’-CMP equals 0.00066 s-1. 

This value exceeds by a factor of 3 the one for 3’-UMP, which was derived from the 

equilibrium constant for the hydrolysis reaction (del Rosario E.J. & Hammes G.G., 

1969) and after correction for the temperature dependence of the hydrolysis reaction 

catalyzed by RNase A (Eftink M.R. & Biltonen R.L., 1983).  

Figure 2.3. Incorporation of the heavy oxygen isotope 18O upon incubation of 3’-CMP and 

RNase A in aqueous solution containing 80 % H2
18O. The relative amounts of 

3’-CMP with a molecular mass of 322 (u ),324 (s ), 326 (l ) and 328 (n ) Da 

are given in function of time. 

To quantify the different rate constants of the RNase T1 catalyzed reactions, I 

incubated 2’,3’-cGMP with RNase T1 in the presence of ethylene glycol (EG) and 

followed the progress of the reaction in function of time. For this experiment, EG was 

chosen as the alcohol because of the hydrophilic non-denaturating nature of this 

solvent. Table 2.1 gives the best fit second-order rate constants (kcat/Km) in function 

of the EG concentration (see experimental procedures for all details). The 
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equilibrium constant between 2’,3’-cGMP and the acyclic compounds is close to 1 M, 

whether the hydrolysis or alcoholysis reaction is considered. The equilibrium 

constants for the hydrolysis of 2’,3’-cCMP and 2’,3’-cUMP have been determined 

previously and equal 0.15 and 0.13 M at pH 5.0 and 25°C (Bahr J.B.  et al., 1965; del 

Rosario E.J. & Hammes G.G., 1969). The first-order rate constant for the conversion 

of 3’-GMP to 2’,3’-cGMP by RNase T1 amounts to ± 0.001 s-1. 

 

Table 2.1 

Best fit second-order rate constants for the RNase T1-catalyzed transferase 

reactions on 2’,3’-cGMP in H2O/EG mixtures. 

 alcoholysis hydrolysis 

% 

EG 

kcat/Km 
-EG 

kcat/Km 
+EG 

Keq
EG kcat/Km 

-H
2
O 

kcat/Km 
+H

2
O 

Keq
H

2
O 

 s-1M-1 s-1M-1 s-1M-2 a M b s-1M-1 s-1M-1 s-1M-2 a M b 

10 1489 4318 1204 1.2 50 3008 60 0.8 

20 2271 15772 2199 1.0 32 5381 121 0.3 

30 2072 23949 2226 0.9 26 4761 122 0.2 

40 2121 43121 3006 0.7 31 5948 178 0.2 

a Corrected for the actual concentration of the attacking alcohol/water. 
b Calculated from the ratio of the second-order rate constants for the forward and the reverse 

reactions, according to (Haldane J.B.S., 1930).  

 

The conclusion from all these data is that the mammalian and microbial 

RNases (for which RNase A and RNase T1 are prototypes) catalyze the reversible 

interconversion between a phosphodiester and a 2’,3’-cyclophosphate, even if the 

leaving/attacking group is a water molecule (R = H; see Figure 2.1b). The hydrolysis 

reaction is thus essentially the reversal of the transphosphorylation reaction (Harris 

M.R. et al., 1969). So far, most authors have considered 3’-nucleotides as the 

irreversible product of ribonuclease catalyzed reactions because the high water 

concentration pushes the equilibrium towards the fully hydrolyzed reactant (e.g. 

(Haensler M. et al., 1997). In reality, the enzyme cycles continuously between the 



��
��
�����	
���������	������

  26 

phosphodiester and the 2’,3’-cyclophosphate. As hypothesized previously (Cuchillo 

C.M. et al., 1993), the present classification of the ribonucleases as hydrolases (EC 

3.1.27.-) should be changed back to transferases as in the 1978 classification (EC 

2.7.7.-).  

2.3 The RNA/DNA Difference: importance of the vicin al 2’-OH group 

From the uncatalyzed rates of UpA cleavage (Thompson J.E. et al., 1995) and 

dimethyl phosphate (as a model for DNA) hydrolysis (Wolfenden R. et al., 1998), the 

rate at which RNA depolymerizes in water can be estimated to be at least 5 million 

times greater than that of DNA. In the case of RNA depolymerization, formation of 

the 2’,3’-cyclophosphate is unfavorable because of strain (Gerlt J.A. et al., 1975) and 

aqueous solvation effects (Dejaegere A. & Karplus M., 1993). The relative 

reactivities of dimethyl phosphate and 2’,3'-cCMP (Figure 2.4) towards hydrolysis 

reflect this cost to form a pentacyclic phosphodiester (Gerlt J.A. et al., 1975). Despite 

the energetic cost of cyclization, the equilibrium constant of the transphosphorylation 

reaction is close to 1 M. This is so because the 2’-hydroxyl group of RNA acts as an 

internal nucleophile (Figure 2.1). Indeed, enormous rate enhancements come from 

intramolecular nucleophilic catalysis (Fersht A.R., 1985; Page M.I., 1991). From the 

present data, one can estimate the effective concentration of the 2’-hydroxyl group 

for nucleophilic attack on the neighbouring phosphate in RNA. Indeed, because the 

equilibrium constant between the cyclic compound and the phosphodiester is close 

to 1 M (Table 2.1; Figure 2.4), the ratio between the uncatalyzed first-order 

cyclization rate of the RNA phosphodiester bond and the uncatalyzed second-order 

rate constant for the hydrolysis of dimethyl phosphate exceeds 107 M. This ratio is an 

estimate for the effective concentration of the 2’-hydroxyl nucleophile in RNA. In 

total, it appears that the high effective concentration of the vicinal nucleophile 

counterbalances the energetic cost of forming an unfavorable pentacyclic 

phosphodiester.  
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Figure 2.4 Relative rates of hydrolysis for cyclic and acyclic phosphodiesters. (a) Data 

taken from Gerlt et al. (1975) and adjusted according to Wolfenden et al., 

(1998). (b) Data taken from Table 2.1.  
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2.4 Experimental procedures 

2.4.1 18O Isotope Exchange Experiments 

3’-CMP (1.9 mM) and RNase A (0.6 mM) were incubated together at 35°C in 

an aqueous solution containing 80 % of the 18O isotope. This reaction mix was 

buffered at pH 6.0 with 5 mM imidazole and had a final ionic strength of 10 mM. At 

appropriate time intervals, 5 µl of the reaction mixture was analyzed on a VG Quattro 

II electrospray ionization mass spectrometer (Fisons Instruments) to follow the 

increase in molecular mass of 3’-CMP in function of time. The distribution of the 

various species was calculated from the relative intensities of the molecular MH+ 

peaks. The concentration of 3’-CMP is much higher than the Michaelis constant for 

this substrate (103 µM) (Anderson D.G. et al., 1968).  

2.4.2 Intermediate Trapping Experiments 

3’-GMP (8.3 µM) and RNase T1 (0.61 µM) were incubated together at 35°C in 

the presence of 40 % (v/v) methanol (buffered at pH 6.0 with 12.5 mM imidazole; 

final ionic strength of 25 mM). The progress of the reaction was followed at timed 

intervals on a 1 ml HITRAP Q anion exchange column (Pharmacia). The products 

were separated with a linear gradient of increasing concentration of ammonium 

phosphate (pH 7.0). Relative concentrations of the individual products were 

calculated from the integrated peak absorbencies at 254 nm. 

2.4.3 Kinetics 

The kcat/Km values for the various RNase T1 catalyzed reactions were 

measured by following the progress of 3’-GMP and GpEG formation upon mixing 

enzyme with 2’,3’-cGMP in the presence of various concentrations of ethylene glycol 

(EG). The reaction mixes consisted of 10 µM 2’,3’-cGMP, 12.5 mM imidazole (pH 

6.0), EG and had a final ionic strength of 25 mM. The progress of the reaction was 

followed as described above. The concentration of 2’,3’-cGMP (10 µM) was chosen 

much below the Km  of any of the enzyme-substrate complexes. At substrate 
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reactions much lower than Km, enzyme catalyzed reactions follow first-order kinetics 

with rate constants Vmax/Km
.(Fersht A.R. & Renard M., 1974). As a result :  
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where the superscripts of the second-order rate constants stand for the addition (+) 

or elimination (-) of water or EG. The four kinetic parameters were determined by 

minimizing the rms difference between calculated concentrations (from numerical 

integration of the equations) and experimental data points, using a Nelder-Maed 

simplex search as implemented in the fmins function of the program MATLAB 

(Mathworks Inc.).  
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3 Stack to bind…  

Additivity of protein-guanine interactions in ribonuclease T1. (1997) Loverix S., 

Doumen J. & Steyaert J. J. Biol. Chem. 272, pp. 9635-9639.  

3.1 The guanine specificity of RNase T 1 

The energetics of virtually all binding properties in proteins is the culmination 

of a complex set of intermolecular interactions. The most powerful experimental 

approach is to analyze the effects of single mutations on binding, turnover, or 

conformational stability and to compare these with the properties of proteins where 

multiple mutations (cfr. section 1.4) are combined in one molecule (Ackers G.K. & 

Smith F.R., 1985; Gerlt J.A., 1987; Knowles J.R., 1987; Wells J.A., 1990).  

The functional role and cooperative interplay between catalytic residues has 

been investigated in detail for a number of enzymes including subtilisin (Carter P. & 

Wells J.A., 1988; Carter P. & Wells J.A., 1990), staphylococcal nuclease (Weber D.J. 

et al., 1990; Weber D.J. et al., 1991), and RNase T1 (Steyaert J. & Wyns L., 1993). In 

each case the free energy barriers to substrate turnover introduced by mutations of 

catalytic residues are not additive in the corresponding double (or multiple) mutants. 

Residues involved in the process of breaking and forming covalent bonds appear to 

contribute to turnover in a mutually dependent way. Far less information is available 

on the additivity of molecular interactions involved in substrate binding. In the 

present study, we investigate the functional cooperativity of the guanine binding site 

of RNase T1 by protein engineering.  

RNase T1 has a pronounced specificity for the base guanine; kinetic studies 

on the transphosphorylation of dinucleoside phosphates revealed that the specificity 

constant (kcat/Km) for GpN substrates is about 106-fold greater than for corresponding 

ApNs and at least 108-fold greater than for CpNs and UpNs (Walz F.G. et al., 1979). 

The three-dimensional structure of RNase T1, complexed with the competitive 

inhibitor 2’-GMP (Heinemann U. & Saenger W., 1982; Arni R. et al., 1988) provided a 

structural basis for understanding the enzyme’s specificity. In the complex, the 

hydrogen bonding potential of the guanine base is completely saturated by 
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complementary donor/acceptor sites on the enzyme involving the backbone atoms of 

Asn43, Asn44, and Asn98 and the side chain carboxyl group of Glu46 (Figure 3.1). 

The N(1)H•••Glu46-Oe1, the N(2)H•••Glu46-Oe2, and the N(2)H•••Asn98-O hydrogen 

bonds have an apparent contribution of 2.7, 1.1, and 1.2 kcal/mol to the specificity of 

RNase T1 for guanine (Steyaert J. et al., 1991). Moreover, the guanine base is 

stacked between the phenolic side chains of tyrosines 42 and 45 (Heinemann U. & 

Saenger W., 1982; Hakoshima T. et al., 1988; Arni R. et al., 1988; Kostrewa D. et al., 

1989; Martinez-Oyanedel J. et al., 1991; Zegers I. et al., 1994).  

Tyr42, Tyr45, and Glu46 are the only residues that interact with the guanine 

base through their side chains and have been replaced by alanines. The effects of 

the single mutations are discussed below. To measure the functional cooperativity 

between these residues, single and multiple mutations have been analyzed by 

double mutant cycles. The structural implications of the Tyr42Ala mutation have 

been investigated by X-ray diffraction analysis. 

3.2 Protein engineering of the guanine binding site  

3.2.1 Double mutant cycle analysis 

The interaction of an individual side chain with the substrate may be analyzed 

by comparing the kinetics for wild type enzyme with those for a mutant in which the 

side chain has been truncated (Gerlt J.A., 1987; Knowles J.R., 1987). The obtained 

apparent binding energy is always a measure of the specificity of binding or catalysis 

(Fersht A.R., 1988). If the mutation does not induce structural changes and allows 

the access of bulk water to the cavity in the enzyme-substrate complex, the apparent 

binding energy may be a crude measure of the incremental binding energy of the 

interaction; i.e. the net free energy contribution of the interaction to transfer the 

substrate from bulk water to the enzyme complex. Free energy changes calculated 

from the specificity constants (DG = - RTln[(kcat/Km)/(kcat/Km)group® 0]) equal the 

apparent contribution to substrate specificity of the group under investigation. In the 

present study, residues Tyr42, Tyr45, and Glu46 have been replaced by alanines. 

The effects of these mutations on the steady-state kinetic parameters are discussed 

below. 
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For the purpose of studying the functional cooperativity of amino acid residues 

involved in substrate binding, we constructed the Tyr42Ala+Tyr45Ala and 

Tyr42Ala+Glu46Ala double mutants and measured their kinetics. The free energy 

barriers to substrate specificity introduced by the single and multiple mutations have 

been analyzed by double mutant cycles (Carter P.J. et al., 1984; Ackers G.K. & 

Smith F.R., 1985; Wells J.A., 1990). The degree to which one mutation effects the 

contribution of a second mutation (quantified by the coupling term DDG) measures 

the mutual component of the interaction energy between both residues and the 

substrate, provided that none of the mutations gives rise to a disrupted spatial 

arrangement of other amino acid residues (Ackers G.K. & Smith F.R., 1985). Simple 

additivity (DDG = 0) is observed when the two residues contribute to binding/turnover 

in a functionally independent way (Wells J.A., 1990).  

3.2.2 Non-disruptive nature of the introduced delet ions 

To discuss the apparent effects of mutations on the steady-state kinetics in 

terms of binding energy and specificity (Fersht A.R., 1988) it is a requisite to analyze 

the structural implications of these mutations (see above). In the ideal case, a 

mutation causes the removal of a simple interaction with no perturbation of the 

structure. The mutations introduced in RNase T1 are non-disruptive deletions, 

according to the classification of Fersht and co-workers (Fersht A.R. et al., 1987) 

(see below). Therefore, the apparent energetic contributions calculated from the 

effects of these mutations are genuine estimates of changes in incremental 

interaction energies. 

The phenolic side chain of Tyr42 forms the basis of the guanine binding site 

(Figure 3.1). The aromatic ring lies on top of a hydrophobic core involving the side 

chains of Phe50, Val79, Ile90, and Phe100. Because of the dramatic effect of the 

Tyr42Ala mutation on the kinetics (see Table 3.1), the concern rose that this 

mutation induces major changes in the overall structure of the protein. For this 

reason the structural implications of this mutation were examined by X-ray 

crystallography. The complex of Tyr42Ala RNase T1 with the specific inhibitor 2’-

GMP has been refined to an R-factor of 0.216 using X-ray diffraction data to 2.3 Å. 

The Tyr42Ala mutation has only minor effects on the overall structure of the enzyme-
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inhibitor complex (overall rms deviation : 0.349 Å). A water molecule (Wat 134) 

occupies part of the free space available after removal of the tyrosine side chain 

(Figure 3.1b). The water molecule takes up the same position as the Tyr42 Oh does 

in wild type enzyme and forms a new hydrogen bond of 2.92 Å (Table 3.2) with the 

O6 oxygen of the base. The sugar pucker in the Tyr42Ala/2’-GMP complex is C2’-

endo, as in the wild type complex (Arni R. et al., 1988).  

Figure 3.1 Ball and stick representation of the RNase T1/2’-GMP complex. (a) wild type; 

(b) Tyr42Ala mutant. Oxygen atoms are coloured red, nitrogen atoms blue 

and carbon atoms black in the protein and green in the guanine base. 

Hydrogen bonds are represented by thin lines. Coordinates were taken from 

Arni et al. (1988) (a) and Loverix et al. (1997) (b).  

Several crystallographic (Arni R. et al., 1988; Kostrewa D. et al., 1989; 

Martinez-Oyanedel J. et al., 1991) and NMR (Shimada I. & Inagaki F., 1990) studies 

on RNase T1 indicate that the Tyr45 side chain is flexible and solvent-exposed. 

Removal of this side chain is therefore not likely to disturb the enzyme's three-
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dimensional structure. Glu46, another solvent-exposed residue in free enzyme, 

swings in to hydrogen-bond the guanine base upon substrate binding (Martinez-

Oyanedel J. et al., 1991). The invagination resulting from the removal of the Glu46 

side chain is probably sufficiently large to allow access of bulk water (Steyaert J. et 

al., 1991). All structural data corroborate the view that the Tyr42Ala, Tyr45Ala and 

Glu46Ala mutations correspond to non-disruptive deletions.  

3.2.3 Tyr42 and Glu46 contribute to substrate bindi ng rather than to turnover 

Table 3.1 lists the steady-state kinetic parameters for the 

transphosphorylation of GpU obtained for wild type enzyme and for the Tyr42Ala, 

Tyr45Ala, and Glu46Ala mutants. The Tyr45Ala mutation has minor effects on the 

steady-state kinetic parameters of the enzyme, indicating that this residue does not 

contribute significantly to the incremental binding energy of the substrate. Consistent 

with this notion, the Tyr45Phe and Tyr45Trp mutations have been found to induce 

marginal effects on the transphosphorylation kinetics of pGpC (Ikehara M. et al., 

1986; Nishikawa S. et al., 1988; Hakoshima T. et al., 1991).  

 

Table 3.1  

Steady-state kinetic parameters of wild type RNase T1 and a number of binding 

site mutants for the substrate GpU. 

 Km 

µM 

kcat 

s-1 

kcat/Km 

M-1s-1 

wild type 33 ± 3 33 ± 1 106 ± 96000 

Tyr45Ala 44 ± 11 28.6 ± 1.8 647000 ± 279000 

Tyr42Ala > 2000  127 ± 7 

Tyr42Ala+Tyr45Ala > 2000  79 ± 2 

Glu46Alaa > 5000  1660 ± 80 

Tyr42Ala+Glu46Ala > 5000  0.126 ± 0.005 

Measurements were performed in imidazole buffer, 0.1 M ionic strength, pH 6.0 at 35°C. aData 

taken from (Steyaert J. et al., 1991), and corrected for e = 19330 M-1cm-1.  
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In contrast to the Tyr45Ala mutation, the Tyr42Ala and Glu46Ala deletions 

were found to affect the steady-state kinetic parameters of the enzyme significantly. 

The transphosphorylation rates of Tyr42Ala and Glu46Ala were found to be linearly 

proportional to the substrate concentration over the entire concentration range that is 

experimentally accessible. The second-order rate constants (kcat/Km) for the 

transphosphorylation reaction were obtained from progress curves recorded at 

substrate concentrations much lower than Km. I defined minimum values for Km as 

shown in Table 3.1. From our data, it appears that substrate binding, rather than 

turnover is impaired upon deletion of the Tyr42 or Glu46 side chains. If catalysis is 

indeed unaffected by these mutations, then the Tyr42Ala+Glu46Ala double mutant 

displays a Km of 230 M ! 

The six-membered aromatic rings of Tyr42 and the guanine base are involved 

in a parallel face-to-face stacking interaction (dihedral angle = 12°; centroid 

separation = 5.0 Å). The Tyr42Ala mutation has a devastating effect (DG = - 5.4 

kcal/mol) on the enzyme’s incremental binding energy towards guanosine. This 

effect is much larger than normally observed for intramolecular aromatic interactions 

between side chains of phenylalanine, tyrosine, and tryptophan, mostly of the 

perpendicular edge-to-face type (Burley S.K. & Petsko G.A., 1985; Burley S.K. & 

Petsko G.A., 1988; Serrano L. et al., 1991). Simple aromatic rings indeed prefer to 

associate via enthalpically favorable edge-to-face interactions of ~ 1.5 kcal/mol. In a 

recent survey of stacking conformations in biological structures, the parallel-

displaced orientation was found to be about 1 kcal/mol more stable than the edge-to-

face stacking (McGaughey G.B. et al., 1998). It thus appears that parallel aromatic 

stacking can contribute substantially to binding when polycyclic molecules as 

guanine are involved.  

3.2.4 Guanine binding is not cooperative 

Studies on model compounds indicate that hydrogen bonding and stacking 

interactions may mutually reinforce each other (Ishida T. et al., 1993). The large 

effects of the Glu46Ala and Tyr42Ala mutants could theoretically be explained by 

such type of cooperativity. Hydrogen bonds with the periphery of the guanine base 

(Glu46) might enhance a stacking interaction with this base (Tyr42), and vice versa. 
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To investigate this hypothesis, we performed a double mutant cycle analysis 

involving residues Tyr42 and Glu46 (Figure 3.2). The effect of the Tyr42Ala mutation 

was measured in the presence and the absence of the Glu46 side chain. The 

coupling energy DDG, measured by comparing the free energy differences 

corresponding to parallel transitions of this cycle is 0.394 kcal/mol. This is a small 

value (< 10 %) compared to the effects of the individual mutations, indicating that the 

contributions of Tyr42 and Glu46 to guanine binding are mutually independent.  

Figure 3.2 Thermodynamic cycle to analyze the mutual dependence between Tyr42 and 

Glu46. DG values (kcal/mol) equal the group’s incremental binding energies 

and were calculated from the effect on kcat/Km. DDG equals the mutual 

component of this cycle. 

Crystallographic data suggest that specific recognition of guanosine by RNase 

T1 involves sandwich-like parallel stacking of the guanosine base between the 

phenolic side chains of Tyr42 and Tyr45 (Heinemann U. & Saenger W., 1982; 

Hakoshima T. et al., 1988; Arni R. et al., 1988; Kostrewa D. et al., 1989; Martinez-

Oyanedel J. et al., 1991; Zegers I. et al., 1994). The present data indicate that this 

view is no longer valid. The Tyr45 phenolic side chain does not contribute to 

substrate binding, nor to substrate turnover. By constructing the Tyr42Ala+Tyr45Ala 

double mutant, we also investigated whether the stacking interaction between the 

Tyr42Glu46

Tyr42Ala46 Ala42Ala46

Ala42Glu46

DG = - 5.412 
         ± 0.068

DDG = 0.394   
         ± 0.078

DG = - 4.232 
         ± 0.040

DG = - 5.806 
         ± 0.037

DG = - 3.838
         ± 0.066
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guanine base and Tyr42 depends on the presence of the Tyr45 phenolic ring. The 

kcat/Km ratio for the double mutant is very similar to that of Tyr42Ala RNase T1 (Table 

3.1), indicating that the strength of the Tyr42-guanine base interaction does not 

depend on Tyr45. Taken together, all data show that the Tyr45 side chain, often 

referred to as the lid of the guanine binding site (Nishikawa S. et al., 1988; Arni R. et 

al., 1988; Hakoshima T. et al., 1991), does not contribute to the incremental binding 

energy for guanosine. 

From the double mutant cycles it appears that the Tyr42-Tyr45 and Tyr42-

Glu46 pairs contribute to substrate binding in a mutually independent way. This is 

consistent with a large data base for free energy changes that result when single 

mutants are combined (Wells J.A., 1990). Indeed, if two residues do not interact with 

each other by direct or indirect contact, the sum of the free energy changes derived 

from the single mutations is nearly always equal to the free energy change 

measured in the multiple mutant. There is one major exception where such simple 

additivity breaks down. Residues involved in the chemistry of bond breaking and 

making upon converting substrate to product act in a highly cooperative way (Carter 

P. & Wells J.A., 1988; Weber D.J. et al., 1990; Weber D.J. et al., 1991; Steyaert J. & 

Wyns L., 1993).  

3.2.5 Evolutionary implications 

Structural conservation of particular enzyme residues among homologous 

family members is indicative of their structural or functional importance (Poteete A.R. 

et al., 1992). Among the guanine specific members of the homologous family of 

microbial ribonucleases, Tyr42, Tyr45, and Glu46 are conserved (Hartley R.W., 

1980; Hill C. et al., 1983). Both tyrosines are consistently observed at equivalent 

positions in all eukaryotic members. In the prokaryotic ribonucleases a phenylalanine 

occupies position 42 (T1 numbering) and an arginine is found at position 45. Glu46 is 

found throughout the family. The conservation of an aromatic ring (Tyr,Phe) at 

position 42 (T1 numbering) is compatible with the observation that the guanine base 

interacts with the phenyl part of the side chain. The tyrosine hydroxyl group makes 

no direct intermolecular contacts with the guanine base. The strict conservation of 

Glu46 is easily explained in terms of two specific hydrogen bonds with the 
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guanidinium part of the guanine base. It has been established that the Glu46 

carboxylate takes part in an invariant structural motif that renders guanine specificity 

(Sevcik J. et al., 1990). 

The fact that the Tyr45 residue is conserved but does not contribute to 

substrate binding, nor to catalysis indicates that it fulfills another function. The Tyr45 

side chain may be involved in the folding and the stability of RNase T1. It may 

prevent other nucleotides from binding the catalytic site. Comparison of the 

expression of the authentic RNase T1 gene in Saccharomyces cerevisiae and 

Aspergillus oryzea (Fujii T. et al., 1995) suggests the existence of an intracellular 

inhibitor for the enzyme. If Aspergillus oryzea has a specific inhibitor for its 

ribonuclease, Tyr45 may be essential in RNase-inhibitor recognition. Arg59 (barnase 

numbering), the equivalent of Tyr45 in barnase, the extracellular RNase from 

Bacillus amiloliquefaciens, interacts with 5 residues of the intracellular inhibitor 

barstar and contributes about 5 kcal/mol to the intermolecular interaction energy of 

the barnase-barstar complex (Guillet V. et al., 1993; Schreiber G. & Fersht A.R., 

1995).  

3.3 Experimental procedures 

3.3.1 Overproduction and Oligonucleotide-Directed M utagenesis 

The overproduction of wild type RNase T1 and the Glu46Ala mutant as 

secretory proteins in Escherichia coli has previously been described (Steyaert J. et 

al., 1990; Steyaert J. et al., 1991). The Tyr42Ala and Tyr45Ala mutants, the 

corresponding double mutant as well as the Tyr42Ala+Glu46Ala double mutant were 

constructed via a PCR-based site-directed mutagenesis technique (Chen B. & 

Przybyla A.E., 1994). Mutations were identified by DNA sequence determination 

(Sanger F. et al., 1977); the entire sequence of each mutant gene was determined to 

check that no additional unwanted mutations had arisen during the PCR steps.  

3.3.2 Kinetics of Dinucleotide Phosphate Transphosp horylation 

All experiments were performed at 35°C in 50 mM imi dazole, 50 mM NaCl, 

and 2.5 mM EDTA at pH 6.0 (ionic strength 0.1 M). The protein concentrations were 
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determined spectrophotometrically at 278 nm where e = 19330 M-1cm-1. This value 

was recalculated according to Pace and co-workers (Pace C.N. et al., 1995) for the 

mutants lacking one or two tyrosine side chains. The kinetic parameters for the 

transphosphorylation of GpU were determined from initial velocities by measuring 

the absorbance increase at 280 nm (Zabinski M. & Walz F.G., 1976). For the 

Tyr42Ala+Glu46Ala mutant the second-order rate constant kcat/Km for the 

transphosphorylation of GpU was derived from a progress curve run overnight at a 

substrate concentration of 408 µM, much lower than Km. Indeed, the Km for the single 

Glu46Ala mutant exceeds 5 mM (Steyaert J. et al., 1991). In experiments requiring 

high substrate concentrations, 0.5-, 0.2-, or 0.1-cm path length cuvettes were used 

to diminish the background absorbance. Experimental data were analyzed with the 

program GraFit (Leatherbarrow R.J., 1991).  
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4 Catalytic interactions with the pro-R p oxygen 

An engineered ribonuclease preferring phosphorothioate RNA. (1998) Loverix S, 

Winquist A., Strömberg R. & Steyaert J. Nat. Struct. Biol. 5, pp. 365-368.  

4.1 Thiosubstitutions to analyze interactions with the nonbridging oxygens 

Classical experiments involve chemical modification of substrates to explore 

enzymic reaction mechanisms (section 1.2). Internucleotidic phosphorothioate 

diastereomers (RP,SP) resulting from substitutions of one nonbridging phosphoryl 

oxygen with sulfur are common tools to investigate reaction stereochemistry 

(Eckstein F., 1985) and protein-nucleic acid interactions (Milligan J.F. & Uhlenbeck 

O.C., 1989). The stereochemical course of RNase T1 action has been established 

using the RP diastereomer of cyclic guanosine 2’,3’-phosphorothioate (RP (endo) 

cGMP(S), Figure 4.1) (Eckstein F. et al., 1972b). Indeed, a prochiral phosphate 

diester can be made chiral by replacing an oxygen atom with a sulfur atom (Frey 

P.A., 5555). Thiosubstitutions have proven to be particularly useful in the 

mechanistic investigation of ribozymes where they have been applied predominantly 

to probe the role of metal ions in phosphoryl transfer (Dahm S.C. & Uhlenbeck O.C., 

1991; Herschlag D. et al., 1991; Warnecke J.M. et al., 1999). Indeed, non-protein 

catalysts such as ribozymes have in common with enzymes that their architecture 

anchors functional groups in positions suitable for exerting a rate enhancing effect. 

Consequently, thiosubstitutions in ribozyme research is analogous to site-directed 

mutagenesis in enzyme research. A quantum chemical study on the conformational 

flexibility of phosphate, phosphonate and phosphorothioate dimethylesters in 

aqueous solution has been performed (Florian J. et al., 1998). The calculated 

similarities in the conformational behavior of these esters provide formal justification 

for the use of substitution experiments to study the role of intermolecular interactions 

involving phosphate oxygens of phosphodiesters.  
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Figure 4.1 Thiosubstituted diastereomers of the substrate GpU (a) and product cGMP (b) 

of the RNase T1-catalyzed transphoshorylation reaction.  

I have used the thiosubstituted substrates depicted in Figure 4.1 to probe 

catalytic interactions of RNase T1 with the nonbridging oxygens of the 

phosphodiester linkage in RNA. The nonbridging oxygens take up equatorial 

positions in the TBP transition state of the catalyzed reaction. The objective is to 

map the intermolecular interactions in the ground state (nonbridging oxygens) and 

the TBP transition state (equatorial oxygens) of the enzyme-substrate complex. 

Comparison of the kinetic parameters for a reference substrate and its 

thiosubstituted analogue provides the so-called ‘thio-effect’. De different nature of a 

sulfur atom as compared to an oxygen atom is responsible for any observed thio-

effect. The P-S bond, 1.8 Å, is about 0.3 Å longer than P-O and the van der Waals 

radius of sulfur, 1.85 Å, exceeds that of oxygen by 0.45 Å. Both features add, and 

the sulfur projects outward about 0.8 Å more than oxygen. As the electronegativities 
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of oxygen (3.5) and sulfur (2.5) differ appreciably, thiosubstitutions affect the 

distribution of the electrons on phosphate and its substituents. In addition, sulfur is 

more easily polarized and more hydrophobic than oxygen (Saenger W., 1984). 

Thiophosphate also has lower pKa values than phosphate : 1.7, 5.4, and 10.1 for 

thiophosphate and 2.1, 7.2, and 12.3 for phosphate (Jencks W.P. & Regenstein J., 

1976). These values represent lower limits for the differential proton affinity of sulfur 

and oxygen bound to phosphorus because protonation occurs preferentially on 

oxygen for thiophosphate (Frey P.A. & Sammons R.D., 1985). I have used the RP 

and SP diastereomers of Guanylyl 3’,5’-Uridine phosphorothioate (Gp(S)U), optically 

pure phosphorothioate analogues of the dinucleoside phosphate GpU in which 

respectively the pro-RP oxygen and the pro-SP oxygen are replaced by sulfur (Figure 

4.1). GpU was chosen as the parent dinucleoside phosphate substrate because its 

enzymic turnover is limited by the rate of bond making and breaking, rather then by 

its association with the enzyme (Steyaert J. et al., 1991). This is important because if 

the chemical step is not rate-limiting in the enzymatic reaction, then no mechanistic 

conclusion can be drawn from an observed thio-effect. Moreover, since 

thiosubstitution of the nonbridging oxygens has little effect on the nonenzymatic 

cleavage for dinucleoside phosphates (Burgers P.M.J. & Eckstein F., 1979; Almer H. 

& Strömberg R., 1991; Oivanen M. et al., 1995), a thio-effect observed on kcat/Km 

reflects changes in the enzyme-substrate complementarity of the transition state 

(section 1.1).  
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Our lab has engaged in a time-resolved X-ray crystallographic study of the 

hydrolysis of a slow cyclic thiophosphate substrate of RNase T1 (Zegers I. et al., 

1998). SP (exo) 2’,3’-cGMP(S) (Figure 4.1) is a very slowly hydrolyzed 

thiosubstituted analogue (Eckstein F. et al., 1972b) of the substrate 2’,3’-cGMP and 

has been crystallized in complex with RNase T1. The intermolecular interactions 

between the active site of RNase T1 and SP (exo) 2’,3’-cGMP(S) are shown in Figure 

4.2. Since this substrate is also the product of the transphosphorylation of SP 

Gp(S)U, knowledge of these interactions can be useful in the interpretation of 

kinetically observed thio-effects.  

Figure 4.2 The active site of RNase T1 in complex with SP (exo) 2’,3’-cGMP(S) (Zegers et 

al., 1998). Nitrogen is depicted blue, oxygen red, carbon gray, sulfur yellow 

and phosphorus magenta. Possible hydrogen bonds are represented by fine 

gray lines.  
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4.2 Thiosubstitution of the pro-R P nonbridging oxygen 

Using GpU and its stereospecific thiosubstituted analogue RP Gp(S)U, the 

second-order rate constants (kcat/Km) for wild type RNase T1 and the Tyr38Phe, 

His40Ala, Glu58Ala, His92Gln, and Phe100Ala single mutants were measured to 

determine the thio-effect for each active site substitution (Table 4.1). Changes in the 

thio-effect upon deletion of a particular side chain are indicative of direct and/or 

indirect intermolecular interactions between the side chain and the pro-RP oxygen 

atom in the reference ES‡ complex. (section 1.4) (Hondal R.J. et al., 1997; Zhang 

Y.L. et al., 1999; Admiraal S.J. et al., 1999).  

4.3 The RP thiosubstitution induces subtle changes in the ES ‡ complex 

Because thiosubstitution of the nonbridging oxygens has little effect on the 

nonenzymatic cleavage rate of RNA (kuncat) (Oivanen M. et al., 1995), it follows from 

transition state theory (Figure 1.2) that KTS
phosphate / KTS

thiophosphate = (kcat/Km)thiophosphate / 

(kcat/Km)phosphate. In other words, any observed thio-effect on kcat/Km reflects changes 

in transition state complementarity of the enzyme-substrate complex.  

The RP thio-effect for wild type RNase T1 is close to unity (Table 4.1) 

indicating that the enzyme binds the transition states of both analogous compounds 

with similar affinities. From this, one could draw the unjustified conclusion that the RP 

thiosubstitution has little effect on the spatial arrangement and/or the charge 

distribution in the transition state of the reacting system. However, the thio-effect 

varies significantly upon deletion of the side chains forming the active site of RNase 

T1 (Table 4.1). This implies subtle, counterbalancing changes in the nature of most 

intermolecular interactions in the ES‡ complex upon thiosubstitution of the pro-RP 

oxygen.  
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Table 4.1 

The RP thio-effect on catalysis versus active site mutations 

 GpU RP Gp(S)U Thio-

effecta 

Coupling 

 kcat/Km  

mM-1s-1 

DG b 

kcal/mol 

kcat/Km  

mM-1s-1 

DG b 

kcal/mol 

 DDG c 

kcal/mol 

Wild Type 1000 

±96 

/ 665 

±24 

/ 1.50 

±0.16 

/ 

Tyr38Phe 15.1 

±2.8 

2.566 

±0.128 

210 

±2 

0.707 

±0.022 

0.072 

±0.014 

1.859 

±0.130 

His40Ala 0.153 

±0.005 

5.376 

±0.062 

0.0287 

±0.0006 

6.151 

±0.025 

5.33 

±0.21 

-0.775 

±0.067 

Glu58Ala 19.30 

±0.25 

2.416 

±0.059 

5.35 

±0.12 

2.952 

±0.026 

3.61 

±0.09 

-0.536 

±0.065 

His92Gln 0.117 

±0.012 

5.540 

±0.096 

0.0278 

±0.0002 

6.171 

±0.022 

4.21 

±0.43 

-0.631 

±0.089 

Phe100Ala 2.18 

±0.04 

3.751 

±0.060 

0.508 

±0.007 

4.392 

±0.023 

4.29 

±0.10 

-0.641 

±0.064 

a The thio-effect is defined as (kcat/Km)phosphate/(kcat/Km)phosphorothioate. 
b Apparent interaction free energy between the deleted side chain and the substrate in ES‡, as 

calculated from the ratio of the kcat/Km values of wild type enzyme and the mutant under 

investigation (Fersht A.R., 1988).  
c Energetic coupling between the mutation under investigation and the substrate’s RP 

thiosubstitution. Values have been calculated from the difference in apparent interaction energy of a 

particular side chain with GpU and RP Gp(S)U, respectively. 

4.4 A catalytic Tyr38-O hhhhH············ O(pro-R P)-P hydrogen bond 

The energetic coupling between the Tyr38Phe mutation and the 

thiosubstitution (Table 4.1) amounts to 1.86 kcal/mol. The interpretation of this 

apparent interaction energy (Fersht A.R., 1988) between the Tyr38 hydroxyl group 
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and the pro-RP phosphate oxygen is not straightforward. in view of the different 

characteristics of sulfur as compared to oxygen.  

The dramatic change in thio-effect, associated with the Tyr38Phe mutation, 

can be attributed to the presence of a Tyr38-OhH··· O(pro-RP)-P hydrogen bond in 

the reference ES‡ complex. It can be seen from Figure 4.2 that Tyr38 is positioned at 

the requisite side of the cyclic phosphodiester ring to interact with the pro-RP oxygen 

in ES‡. The Tyr38Phe mutation reduces the turnover rate of GpN substrates 70-fold 

(Steyaert J. et al., 1991), indicating that the Tyr38-OhH··· O(pro-RP)-P hydrogen 

bond contributes about 2.5 kcal/mol to catalysis (Table 4.1).  

The effect of the Tyr38Phe mutation on the second-order rate constant for RP 

Gp(S)U indicates that the net interaction energy between the tyrosine hydroxyl and 

the RP sulfur is smaller in ES‡. The intrinsic energetic contribution of the Tyr38-

OhH··· S (RP)-P hydrogen bond is probably smaller (Wilkinson A.J. et al., 1983) than 

the corresponding oxygen-oxygen hydrogen bond. Steric repulsion between Tyr38 

and sulfur in the ES‡ complex may further weaken this interaction. Indeed, the 

equilibrium distance from donor to acceptor atom in a hydrogen bond between 

oxygens is 0.7 Å shorter than between oxygen and sulfur (Gregoret L.M. et al., 

1991).  

4.5 Electrostatic interactions with apical oxygens improve upon R P 

thiosubstitution 

Linear free energy relations (Herschlag D. & Jencks W.P., 1989) and isotope 

effects (Hengge A.C. & Cleland W.W., 1990) show that the transition state of the 

nucleophilic substitution changes from associative to dissociative in the series 

phosphate triesters > phosphate diesters > phosphate monoesters. Thiosubstitutions 

slow associative nucleophilic substitutions on phosphate triesters but accelerate 

dissociative nucleophilic substitutions on phosphate monoesters (Herschlag D. et al., 

1991). Thiosubstitution of the nonbridging oxygens has little effect on the 

nonenzymatic cleavage of dinucleoside phosphates (Burgers P.M.J. & Eckstein F., 

1979; Almer H. & Strömberg R., 1991; Oivanen M. et al., 1995) or of 
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oligoribonucleotides (Herschlag D. et al., 1991), correlating with an intermediate 

transition state for phosphodiesters (Figure 4.3c).  

Figure 4.3  a, Associative and b, dissociative extremes from the continuum of possible 

transition states for phosphoryl transfer on phosphodiesters. c, The actual 

nature of the transition state for the RNase-catalyzed reaction is transitional to 

these limits.  

Thio-effects can be rationalized by the greater electronegativity of oxygen as 

compared to sulfur. Thiosubstitutions will speed up dissociative reactions which 

require electron donation from the phosphoryl substituents and slow reactions for 

which electron withdrawing from phosphorus stabilizes the associative transition 

state (Herschlag D. et al., 1991). The intramolecular transphosphorylation in uridine 

3’-arylphosphorothioates follows a concerted associative process similar to that of 

the corresponding phosphate ester, the difference being that the transition state has 

a slightly more dissociative character for the phosphorothioates (Almer H. & 

Strömberg R., 1996). Thiosubstitution makes the transition state more dissociative 

with increased electron density on the apical oxygens (Figure 4.3b). 
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His40, Glu58, and His92 have in common that they contribute to acid / base 

catalysis through electrostatic interactions with the apical oxygens of the TBP 

transition state. The observation that the His40Ala, Glu58Ala, and His92Gln 

mutations exert a larger defect on the kinetics of RP Gp(S)U as compared to GpU 

correlates with the increased charge on the apical oxygens upon thiosubstitution; the 

apparent interaction energies increase with approximately 0.8, 0.5, and 0.6 kcal/mol, 

respectively (Table 4.1). It has been suggested that Phe100 improves the charge 

separations during transition state formation (Doumen J. et al., 1996). From this 

study, it appears that the contribution of this hydrophobic catalyst increases about 

0.6 kcal/mol upon thiosubstitution.  

4.6 Tyr38Phe RNase T 1 prefers phosphorothioate RNA 

The specificity of an enzyme, in the sense of discrimination between two 

competing substrates, is determined by the ratios of kcat/Km (Fersht A.R., 1985). 

Where the wild type enzyme preferentially binds the transition state of a normal 

phosphodiester bond, removal of the Tyr38 hydroxyl in Tyr38Phe RNase T1 alters 

the enzyme’s substrate specificity from phosphate diesters to RP phosphorothioate 

diesters (Table 4.1). The decrease of specificity for phosphodiesters upon deletion of 

the Tyr38-OhH··· O(pro-RP)-P transition state interaction is largely compensated for 

by (i) the elimination of the steric hindrance between the Tyr38 hydroxyl group and 

sulfur and (ii) the improved interactions of the acid and base catalysts with the apical 

oxygens of the transition state upon thiosubstitution. In addition, the Tyr38Phe 

mutation may generate an apolar binding pocket to accomodate the more 

hydrophobic sulfur atom.  

4.7 Experimental procedures 

The 3’,5’-dinucleoside phosphate substrate GpU and buffer substances were 

from Sigma. Chemical synthesis of Guanylyl 3’,5’ Uridine phosphorothioate (Gp(S)U) 

was performed using the published procedure (Almer H. et al., 1992). The isomers 

were seperated and purified by reversed phase HPLC (Hypersil ODS, RP-C18, 5µm) 

using a linear gradient from 0.1 M triethylammonium acetate buffer (pH 6.5) to the 
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same buffer containing 15% acetonitrile. The steady-state kinetic parameters were 

either taken from literature (Steyaert J. et al., 1991) (GpU), determined from initial 

rate measurements (GpU) or from progress curves (RP Gp(S)U) at substrate 

concentrations much lower than Km ([S] < 5 µM). At substrate concentrations much 

lower than Km, the transphosphorylation reaction follows first-order kinetics with rate 

constant Vmax/Km; this constant can be derived from a single progress curve 

recording (Steyaert J. et al., 1990). Enzyme concentrations were determined 

spectroscopically at 278 nm where e = 19330 M-1 cm-1 (Pace C.N. et al., 1995). The 

concentrations of GpU and RP Gp(S)U were determined spectroscopically at 280 nm 

using the same extinction coefficient equal to 10600 M-1 cm-1 (Walz F.G. et al., 1979; 

Oivanen M. et al., 1995). The transphosphorylation of GpU was followed 

spectroscopically at 280 nm, where De = 840 M-1 cm-1. The reaction progress of 

Gp(S)U transphosphorylation was monitored via reversed phase HPLC analysis 

(Hypersil ODS, RP-C18, 3µm). The substrate RP Gp(S)U was separated from the 

product endo (RP) cGMP(S) using a gradient of 2 – 15 % (v / v) acetonitrile in a 

formic acid / sodium formate buffer (45 / 15 mM) containing 0.1 M 

tetramethylammoniumchloride as the eluant (Oivanen M. et al., 1995). Enzyme and 

substrate were mixed and incubated at 35 °C, pH 6.0 , IS 0.1 M. Aliquots taken at 

different time intervals were quantified after detection at 256 nm by peak integration. 

Values for kcat/Km were obtained from the rates of exponential decay of substrate by 

plotting substrate concentration as a function of time using the program Origin™ 

(Microcal Software I., 1991).  
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5 Catalytic interactions with the pro-S p oxygen 

Mechanism of RNase T1: concerted triester-like phosphoryl transfer via a catalytic 

three-centered hydrogen bond. (2000) Loverix S., Winquist A., Strömberg R. & 

Steyaert J. Chem. & Biol. In press. 

5.1 Thiosubstitution of the pro-S P nonbridging oxygen 

Using GpU and its stereospecific thiosubstituted analogue SP Gp(S)U (Figure 

4.1), the kinetic parameters kcat and Km for wild type RNase T1 and theTyr38Phe, 

Glu58Ala, and Phe100Ala single mutants were measured to determine the thio-effect 

for each active site substitution. Changes in the thio-effect upon deletion of a 

particular side chain are indicative of direct and/or indirect intermolecular interactions 

between the side chain and the pro-SP oxygen atom in the reference ES‡ complex. 

(section 4).  

5.2 The SP thio-effect on catalysis is large 

The kinetics of RNase T1 for the SP thiosubstituted analogue of the 

dinucleoside phosphate GpU were measured. It was found that SP Gp(S)U is a very 

poor substrate for wild type RNase T1 (Table 5.1). Its second-order rate constant 

(kcat/KM) is 105-fold and 6.104-fold smaller than that for GpU and RP Gp(S)U, 

respectively (Loverix S. et al., 1998b). The equilibrium dissociation constant of the 

enzyme-substrate complex (KS equals KM in each case) is not dependent on 

thiosubstitution, indicating that the enzyme’s stereoselectivity is solely due to 

weakened binding of the SP Gp(S)U transition state. It appears that the substitution 

of the pro-SP oxygen by sulfur prevents an optimal spatial and/or electronic 

complementarity with the active site, since thiosubstitution does not affect the 

uncatalyzed reaction. RNase T1 shares this stereoselective behavior with snake 

venom phosphodiesterase, but not with RNase A or RNase T2 (Burgers P.M.J. & 

Eckstein F., 1979).  

The effects of the Glu58Ala and Phe100Ala mutations on the turnover rate 

change considerably upon SP thiosubstitution. The hydroxyl group of Tyr38 does not 
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interfere with the SP thiosubstitution, as shown by the small coupling energy for the 

Tyr38Phe mutant (Table 5.1). It has indeed been found that the Tyr38 hydroxyl 

interacts with the pro-RP oxygen in the transition state (section 4.4). The residual 

acitivities of His40Ala and His92Gln RNase T1 for SP Gp(S)U were below the 

detection limit.  

 

Table 5.1 

The SP thio-effect on catalysis versus active site mutations 

 GpU SP Gp(S)U Thio-effecta Couplingb 

 kcat 

s-1 

KM 

µM 

kcat 

´  10-6 s-1 

KM 

µM 

 DDG 

kcal/mol 

wild type 33 33 308 27 87662  

Tyr38Phe 0.61 40 4.7 10 32447 -608 ± 209 

His40Ala 0.10 394 ND ND ND ND 

Glu58Ala 1.62 59 203000 27 3.65 6295 ± 52 

His92Gln 0.013 109 ND ND ND ND 

Phe100Ala 0.130 94 2440 282 160 3983 ± 122 

a The thio-effect is defined as (kcat/Km)phosphate/(kcat/Km)phosphorothioate. 
b Energetic coupling between the mutation under investigation and the substrate’s SP 

thiosubstitution. Values have been calculated from the difference in apparent interaction energy of 

a particular side chain with GpU and SP Gp(S)U, respectively. Apparent interaction free energies 

were calculated from the ratio of the kcat/Km values of wild type enzyme and the mutant under 

investigation (Fersht A.R., 1988).  

ND: not determined due to extremely slow kinetics 

5.3 The Sp thio-effect is coupled to the Glu58Ala m utation 

The large coupling between the SP thio-effect and the mutation indicates that 

the suboptimal spatial and/or electronic fit between the active site and the sulfur is in 

part caused by the side chain of Glu58. In the crystal structure of RNase T1 

complexed with SP 2’,3’-cGMP(S), the product of the transphosphorylation of SP 

Gp(S)U), Glu58 is positioned at the requisite side of the phosphodiester ring (Figure 
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4.2) to interact with the pro-SP oxygen in ES‡ (Zegers I. et al., 1998). In this enzyme-

product complex, there is a close contact (3.1 Å) between the Glu58 Oe1 and the 

sulfur in the SP position. The Glu58Ala mutation reduces the turnover of the 

reference substrate GpU 20-fold. Surprisingly, the same mutation improves the 

turnover of SP Gp(S)U 660-fold (Table 5.1). Glu58Ala RNase T1 is thus a moderate 

catalyst for SP phosphorothioate RNA, whereas the wild type enzyme is severely 

impaired for this substrate. The remarkable coupling (6.3 kcal/mol) between the SP 

thiosubstition and the effect of the Glu58Ala mutation on turnover reflects an 

interaction between the pro-SP oxygen of the substrate and the Glu58 side chain that 

is particularly relevant for the transition state. Since both partners in this interaction 

are negatively charged in the ground state, all kinetic data can conveniently be 

explained by a short hydrogen bond between one of the carboxylate oxygens of 

Glu58 and the pro-Sp phosphate oxygen upon catalysis. This short hydrogen bond 

turns into a repulsive contact when the pro-Sp phosphate oxygen is replaced by 

sulfur, likely through steric hindrance or through reduced proton affinity for sulfur as 

compared to oxygen. Removal of the glutamate side chain eliminates the repulsive 

interaction with sulfur, thus improving the affinity of the enzyme for the transition 

state of SP thiosubstituted substrates. 

5.4 The Sp thio-effect is coupled to the Phe100Ala mutation 

In the complex of RNase T1 with SP 2’,3’-cGMP(S), the aromatic ring of 

Phe100 is in close van der Waals contact (3.2 Å) with the sulfur (Figure 4.2). Like 

Glu58, deletion of the Phe100 side chain decreases kcat for GpU but increases kcat 

for SP Gp(S)U, resulting in a coupling energy of about 4 kcal/mol (Table 5.1). This 

coupling mirrors a stabilizing interaction between the Phe100 aromatic ring and the 

pro-SP oxygen during catalysis. Apparently, this interaction turns into a repulsive 

contact when the pro-SP oxygen is replaced by sulfur. Thiosubstitution may generate 

a steric clash between the TBP transition state and Phe100. Indeed, a sulfur atom on 

phosphorus projects outward about 0.8 Å more than an oxygen atom (Saenger W., 

1984). Accordingly, removal of the aromatic ring in the Phe100Ala mutant allows for 

a more convenient accomodation of the sulfur atom in the transition state complex. 
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The functional role of Phe100 in the reference complex could be to modulate the 

dielectric constant of the micro-environment in order to enhance the electrostatic 

interaction between Glu58 and the pro-SP oxygen.  

5.5 Experimental procedures 

The 3’,5’-dinucleoside phosphate substrate GpU and buffer substances were 

from Sigma. Chemical synthesis of Guanylyl 3’,5’ Uridine phosphorothioate (Gp(S)U) 

was performed using the published procedure (Almer H. et al., 1992). The isomers 

were seperated and purified by reversed phase HPLC (Hypersil ODS, RP-C18, 5µm) 

using a linear gradient from 0.1M triethylammonium acetate buffer (pH 6.5) to the 

same buffer containing 15% acetonitrile. The steady-state kinetic parameters were 

either taken from literature (Steyaert J. et al., 1991) (GpU) or determined from initial 

rate measurements (GpU and SP Gp(S)U). Enzyme concentrations were determined 

spectroscopically at 278 nm where e = 19330 M-1 cm-1 (Pace C.N. et al., 1995). The 

concentrations of GpU and SP Gp(S)U were determined spectroscopically at 280 nm 

using the same extinction coefficient equal to 10600 M-1 cm-1 (Walz F.G. et al., 1979; 

Oivanen M. et al., 1995). The transphosphorylation of GpU was followed 

spectroscopically at 280 nm., where De = 840 M-1 cm-1. The reaction progress of 

Gp(S)U transphosphorylation was monitored via reversed phase HPLC analysis 

(Hypersil ODS, RP-C18, 3µm). The substrate SP Gp(S)U was separated from the 

product exo (SP) 2’,3’-cGMP(S) using a gradient of 7 - 40 % (v / v) acetonitrile in a 

formic acid / sodium formate buffer (45 / 15 mM) containing 0.1 M 

tetramethylammoniumchloride as the eluant (Oivanen M. et al., 1995). Enzyme and 

substrate were mixed and incubated at 35 °C, pH 6.0 . Aliquots taken at different time 

intervals were quantified after detection at 256 nm by peak integration. The rates of 

the linear decay of substrate at various substrate concentrations were calculated by 

linear regression analysis of the experimental data. Values for kcat and KM were 

obtained by fitting plots of rate versus substrate concentration using the program 

Origin™ (Microcal Software I., 1991).  
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6 A triester-like mechanism for RNase T 1 

6.1 RNase mechanisms : Classical acid / base or Tri ester-like ?  

The catalyzed cyclization reaction consists of a nucleophilic in-line inversion 

displacement at the phosphorus atom of the 5’-leaving group by the entering 2’-

oxygen (Eckstein F. et al., 1972a). The classical catalytic mechanism is thought to 

be concerted (Findlay D. et al., 1961), with a trigonal bipyramidal phosphorane 

structure (TBP) along the reaction pathway, implying a base and an acid located on 

either side of the scissile bond (Figure 6.1a). The actual character of the TBP 

phosphorane structure, including its protonation state and whether it is a transition 

state or a true intermediate, has been an issue of considerable debate over the 

years. Many questions regarding the microscopic details of the catalytic mechanism, 

including catalytic proton transfer steps, remain unresolved. A number of proposals 

for the TBP phoshorane structure are found in literature. The classical acid-base 

mechanism (Herschlag D., 1994; Thompson J.E. & Raines R.T., 1994a) as 

illustrated in Figure 6.1a involves a monoanionic phosphorane. In this TBP structure, 

the nonbridging oxygens are not protonated and the catalytic acid and base interact 

exclusively with the apical oxygens in a concerted fashion. Triester-like mechanisms 

are characterized by early proton transfer to a nonbridging oxygen rendering the 

phosphate neutral, which facilitates nucleophilic attack by the 2’-alkoxide. In the 

Breslow mechanism (Breslow R. & Chapman W.H.Jr., 1996) this proton comes from 

the catalytic acid (Figure 6.1b, right route). In an internal proton transfer mechanism 

(Wladkowski B.D. et al., 1998; Glennon T.M. & Warshel A., 1998), the proton comes 

from the 2’-OH group (Figure 6.1b, left route). Either way, the result is a monoanionic 

phosphorane. The likelyhood of a dianionic phosphorane, resulting from nucleophilic 

attack of the negatively charged 2’-alkoxide on the negatively charged phosphate, 

emerged from a computational study (Glennon T.M. & Warshel A., 1998). Such a 

TBP structure requires early proton transfer from the 2’-OH to the catalytic base. The 

relevance of a neutral phosphorane, with protonation of both nonbridging oxygens, 

has been established from an ab initio quantum chemical study (Wladkowski B.D. et 

al., 1995).  
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Figure 6.1 Microscopic events in RNase-catalyzed phosphoryl transfer for classical 

concerted acid-base (a) versus triester-like (b) mechanisms. Triester-like 

mechanisms are characterized by protonation of a nonbridging oxygen, prior 

to attack by the 2’-nucleophile. In the Breslow-like mechanism (right route) 

this proton is donated by the catalytic acid. In the internal proton transfer 

mechanism (left route) the proton originates from the 2’-OH group.  

RNase A, one of the most thoroughly investigated enzymes (see recent 

review by Raines (1998) for references), is the model enzyme to analyze phosphoryl 

transfer on phosphodiesters. In fact, all of the studies cited above were performed on 

RNase A. Thio-effects have been invoked in favor of a classical mechanism for 

RNase A, yet a controversy on the subject persists (Herschlag D., 1994; Breslow R. 

& Chapman W.H.Jr., 1996). In the last decade, RNase T1 has become a well 

established model system as well (Steyaert J., 1997; Fersht A., 1999). In section 5, 
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the intermolecular interactions of RNase T1 with the nonbridging pro-SP oxygen were 

analyzed. Therefore, the steady-state kinetic constants of wild type RNase T1 and a 

series of active site mutants for SP Gp(S)U were measured and compared to those 

for the reference substrate GpU. It turned out that the thio-effect on the pro-SP 

position is coupled with the Glu58Ala mutation, indicating that RNase T1 follows a 

triester-like mechanism that involves the Glu58-catalyzed protonation of the pro-SP 

oxygen.  

6.2 A triester-like mechanism involving internal pr oton transfer 

So far, it was believed that RNase T1 follows the classical concerted acid-base 

mechanism (Figure 6.1a). However, recapitulation of older data on RNase T1 

(Eckstein F. et al., 1972b) and analysis of the present results support the likelyhood 

of a triester-like mechanism. Triester-like mechanisms (Figure 6.1b) depend on the 

protonation of one of the nonbridging phosphoryl oxygens, rendering the transition 

state more like a phosphotriester, which is 103 to 105 times more reactive than the 

corresponding phosphodiester (Chandler A.J. et al., 1994). An important piece of 

evidence that RNase T1 follows a triester-like mechanism results from the 

observation that substitution of the pro-SP oxygen by sulfur reduces the turnover of 

the model substrate GpU 105-fold (section 5, Table 5.1). This effect is not observed 

when the pro-RP oxygen is replaced by sulfur (Loverix S. et al., 1998b). Because 

sulfur has a much lower affinity for protons than oxygen, a large thio-effect would be 

predicted for at least one of the thio-isomers in the triester-like mechanism 

(Herschlag D., 1994). The fact that RNase T1 exibits an exclusive SP thio-effect 

reflects the protonation of the pro-SP oxygen during the rate-limiting step. The pro-RP 

oxygen appears to remain unprotonated. A second piece of evidence for a triester-

like mechanism comes from the observation that the general base Glu58 interacts 

with the pro-SP oxygen in the rate-limiting step (section 5, Table 5.1). This 

observation is inconsistent with the classical acid-base mechanism (Herschlag D., 

1994; Thompson J.E. & Raines R.T., 1994a) as in Figure 6.1a. In such a 

mechanism, the catalytic base interacts exclusively with the apical 2’-oxygen.  

Various triester-like mechanisms found in literature differ essentially in the 

origin of the (catalytic) proton that is initially transferred to a nonbridging oxygen. In a 
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Breslow-like mechanism (Breslow R. & Chapman W.H.Jr., 1996) (right route in 

Figure 6.1b) the proton comes from the catalytic acid, whereas the proton comes 

from the 2’-OH group in an internal proton transfer mechanism (Wladkowski B.D. et 

al., 1998; Glennon T.M. & Warshel A., 1998) (left route in Figure 6.1b). Structural 

limitations of the RNase T1 active site render the substrate’s 2’-OH group as the 

most probable source of the catalytic proton that has to be transferred to the pro-SP 

nonbridging oxygen. Our finding that Glu58, being the catalytic base of RNase T1 

(Steyaert J. et al., 1990), interacts with the pro-SP oxygen in the transition state 

strongly suggests that Glu58 catalyzes the protonation of this nonbridging oxygen 

(section 5.3). Phe100 may contribute to this protonation step by tailoring the local 

dielectric environment (Doumen J. et al., 1996). All these data are consistent with a 

triester-like internal proton transfer mechanism as depicted in Figure 6.1b (left route) 

and Figure 6.2a. After the formation of the TBP structure, the catalytic proton is 

abstracted from the pro-SP nonbridging oxygen by the catalytic base Glu58, leading 

to the expulsion of the leaving group.  

In triester-like mechanisms, nucleophile activation, nucleophilic attack and 

leaving group expulsion are more or less separate events resulting in more or less 

stable intermediates on the reaction coordinate (Figure 6.2a). The presence of such 

intermediates has never been established, neither in RNase T1, nor in RNase A or 

any other ribonuclease. Building on this consideration, a concerted alternative is put 

forward (Figure 6.2b) that relies on a three-centered hydrogen bond in the transition 

state. In this three-centered hydrogen bond, the nucleophilic 2’-oxygen, the pro-SP 

oxygen and the catalytic base cluster around the proton that has to be abstracted 

from the 2’-OH group. We postulate that the proton is bound symmetrically in this 

three-centered configuration in the transition state. If the hydrogen bonds are short 

and the proton is symmetrically located in the plane of the three donor/acceptor 

atoms, the barrier to proton tunneling may be relatively low (Jeffrey G.A. & Saenger 

W., 1991). Three-centered hydrogen bonds may play a role by serving as an 

intermediate state between different dynamically changing hydrogen bonding 

patterns (Koehler J.E. et al., 1988).  
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Figure 6.2 Hypothetical reaction coordinates for a triester-like mechanism involving 

internal proton transfer. Proton transfer in the transition states is depicted by 

hashed lines. For a sequential mechanism (reaction coordinate a), a first 

transition state TS1 involving proton transfer from the nucleophile to a 

nonbridging oxygen is followed by a second transition state TS2 involving 

abstraction of this proton by the catalytic base and concommitant expulsion of 

the leaving group. The three-centered hydrogen bond concept merges both 

events into a single transition state TS along the reaction coordinate (b).  

The surprisingly large SP thio-effect is indicative for short contacts between 

the pro-SP oxygen and the active site of RNase T1 (section 5.2). Substitution of 

oxygen by the larger sulfur severely impairs transition state complementarity. 

Simultaneous proton transfer from 2’-OH towards the pro-SP oxygen and the 

catalytic base could allow nucleophilic attack on an activated phosphate and general 

base catalysis to occur in the same transition state (Figure 6.2b). In a concerted 

mechanism, formation of the three-centered hydrogen bond accompanies the 
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expulsion/protonation of the 5’-leaving group. This new view on the mechanism of 

RNase T1 leads to an almost complete picture of the intermolecular interactions 

between the enzyme and the transition state of the reaction (Figure 6.3). Three-

centered hydrogen bonds are widely recognized in protein structure (Preissner R. et 

al., 1991) and are believed to be major players in dynamic processes like ligand 

binding and protein hydration (Jeffrey G.A. & Saenger W., 1991). Because catalysis 

is a dynamic process as well, three-centered hydrogen bonds may be more relevant 

to enzyme-substrate interactions than recognized so far.  

Figure 6.3 Function of the active site residues in the RNase T1-catalyzed 

transphosphorylation of RNA via a three-centered hydrogen bond mechanism. 
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7 Catalytic interactions with the 5’-leaving oxygen  

So far, we haven’t had acces to substrates in which the 2’-attacking and 5’-

leaving oxygens are thiosubstituted. In literature, little is known about the enzymic 

activation of the leaving group. In one case, a substrate bearing an activated p-

nitrophenol leaving group (Thompson J.E. & Raines R.T., 1994a) has been used to 

establish the presumed role of His119 as the catalytic acid of RNase A. The large 

mutational effect of the His119Ala mutation in RNase A on the transphosphorylation 

of dinucleoside phosphates was not observed for the activated substrate. 

Comparison of the kinetic parameters for the activated substrate with those for a 

substrate bearing a normal nucleoside leaving group results in a ‘2-point’ linear free 

energy relationship (LFR, section 7.2). The conclusion was that His119 is the 

catalytic acid of RNase A. However, the rate-limiting step changes from partly 

solvation-dependent in wild type RNase A to chemistry in the active site mutants 

(Thompson J.E. et al., 1995). Moreover, a prerequisite for such an experimental 

approach is that any nonelectronic interaction between enzyme and leaving group 

has either a constant or negligible contribution to the rate-limiting step of the 

reaction, which may not be the case here since RNase A has a subsite for binding a 

nucleoside leaving group (Witzel H. & Barnard E.A., 1962).  

We set out to probe the catalytic interactions with the 5’-leaving oxygen in the 

RNase T1-catalyzed transphosphorylation of RNA. This oxygen is believed to be 

protonated by the catalytic acid His92 in the transition state (Figure 7.1) and can be 

probed by LFR’s (section 7.2). 
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Figure 7.1 The general acid His92 protonates the leaving oxygen in the RNase T1-

catalyzed transphosphorylation reaction (Heinemann & Saenger, 1982; De 

Vos et al., 1998).  

7.1 Enhancement of enzymatic rate accelerations by Brønsted acid-base 

catalysis 

Water is an ideal solvent for many biological reactions because its high 

dielectric constant favors heterolytic bond cleavage and the formation of charged 

reactive intermediates, while the high acidity of its conjugate acid (hydronium ion) 

and basicity of its conjugate base (hydroxide ion) favor effective Brønsted catalysis 

(Jencks W.P., 1969). The transphosphorylation rate of dinucleoside 

monophosphates is enhanced approximately 106-fold at either low or high pH 

extremes, compared to neutral pH (Järvinen P. et al., 1991). The functional 

replacement of hydronium and hydroxide ions by acidic and basic amino acid side 

chains in enzyme active sites contributes substantially to the catalytic power of 

enzymes. The site-specific mutation of active site residues that are implicated in 

Brønsted acid–base catalysis of enzymatic reactions often lead to large reductions in 

enzyme activity (Richard J.P., 1998). Such results are difficult to interpret, because 

of uncertainties about whether the reduced activity is due to the loss of specific 

stabilizing Brønsted acid–base interactions at the transition state or to other changes 
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in the local environment at the enzyme active site. Consequently, it is not generally 

known whether the stabilization of the transition state for reaction of an enzyme-

bound substrate provided by Brønsted acid–base catalysis is relatively small, as is 

observed for bimolecular buffer catalysis in water, or whether such catalysis is 

enhanced at the enzyme active site.  

Kirby and co-workers have observed enhanced Brønsted acid catalysis of 

reactions in which the products are stabilized relative to reactants by the formation of 

a strong intramolecular hydrogen bond that is partly developed in, and thus 

stabilizes, the transition state (Kirby A.J., 1997). Interactions at an enzyme-bound 

reactant and/or product which result in an increase in the overall thermodynamic 

driving force for proton transfer might also enhance Brønsted acid–base catalysis of 

enzymatic reactions. In an attempt to assess the contribution of acid-base catalysis 

in RNase A, Thompson and Raines (Thompson J.E. & Raines R.T., 1994a) found 

that the side chains of His12 (base) and His119 (acid) each bind the rate-limiting 

transition state during RNA cleavage with an apparent free energy of 5 – 6 kcal/mol. 

However, neither of these interactions can be assigned an explicit free energy, since 

mutagenesis may have altered the structure of the transition state or its position on 

the reaction coordinate (Fersht A.R., 1988). Moreover, the apparent free energy may 

incorporate effects of other catalytic residues. In RNase T1, His40 and the presumed 

acid–base catalysts His92 and Glu58, have been found to exert their function in a 

highly cooperative manner (Steyaert J. & Wyns L., 1993). The apparent free energy 

of about 5 kcal/mol that was derived from the kinetic effect of the mutation of the 

catalytic acid His92 to glutamine therefore includes an energetic contribution of 

indirect effects on the catalytic functions of His40 and Glu58.  

7.2 Linear Free Energy Relationships 

The linear free energy relationship (LFR) is a basic concept from organic 

chemistry (Jencks W.P., 1969). A linear curve is observed when the logarithm of the 

rate constant for nucleophilic attack on a series of esters is plotted against the pKa of 

the leaving group. The slope of this curve, the Brønsted constant, measures the 

amount of negative charge that accumulates on the leaving oxygen in the transition 
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state. It has been demonstrated that the Brønsted constant for the hydrolysis of 

phosphodiesters is smaller for the Zn2+-catalyzed reaction as compared to the 

spontaneous reaction (Steffens J.J. et al., 1975). This basic concept from organic 

chemistry can be employed in enzymatic reactions to monitor charge changes during 

the formation of the transition state of an enzyme-substrate complex (Herschlag D. 

et al., 1993; Schweins T. et al., 1996a; Schweins T. & Warshel A., 1996b). A 

prerequisite for such an experimental approach is that any nonelectronic interaction 

between enzyme and leaving group has either a constant or negligible contribution to 

the rate-limiting step of the reaction. This is potentially the case for RNases. Davis 

and co-workers have carried out an experimental charge measurement at the 

leaving oxygen in the RNase A catalyzed cyclization of uridine 3’-phosphate 

arylesters (Davis A.M. et al., 1988b). The Brønsted dependence of kcat/Km at pH 7.5 

for the RNase A catalyzed cyclization versus the pKa of the leaving phenol exhibited 

a regression line with a slope of – 0.17. Comparison of this value with those for the 

base-catalyzed (- 0.54) and imidazole-catalyzed (- 0.59) reactions (Davis A.M. et al., 

1988a) indicated considerably less development of negative charge on the leaving 

oxygen in the enzyme-catalyzed reaction, providing experimental evidence for the 

hypothesis that electrophilic assistance is involved in catalysis. Electrophilic 

interactions can occur directly with the leaving oxygen but also indirectly with the 

phosphoryl oxygens via the phosphorus atom. The direct interaction might be 

through general acid catalysis of the leaving oxygen expulsion, but since the 

phenoxide ion is stable enough to exist on its own at the pH in question, a hydrogen 

bonding interaction is favored. In order to investigate the catalytic interactions of 

RNase T1 with the 5’-leaving oxygen atom, I have measured the cyclization rates of a 

series of 3’-guanylylesters by wild type RNase T1 and a number of active site 

mutants. The pKa’s of the alcohols used (2-chloroethanol, methoxyethanol, methanol 

and ethanol) are in the range 14.3 – 15.9, which is close to the pKa of the conjugate 

acids of nucleotide and nucleoside leaving groups (~ 14.8) (Ballinger P. & Long F.A., 

1960). Since the kinetic experiments are carried out at pH 6.0, the leaving groups of 

these substrates must become protonated upon expulsion. The regression lines for 

wild type RNase T1 are shown below.  
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Plotting log(kcat) versus pKa gives a curve with a slope of – 0.53 and a 

correlation coefficient of 0.996, whereas a plot of log(Km) versus pKa gives a slope of 

0.13 and a correlation coefficient of 0.475. Thus, transition state binding rather than 

ground state binding is correlated with the pKa of the leaving group. In other words, 

charge accumulation on the 5’-leaving oxygen occurs only in the transition state of 

the catalyzed reaction. On the condition that active site mutations do not alter the 

rate-limiting step of a reaction, Brønsted coefficients obtained for RNase T1 mutants 

can be compared with the wild type value. If, in function of the mutations in RNase 

T1, a change in this value is observed, this would indicate a side chain that helps to 

stabilize negative charge development on the 5’-oxygen in the transition state. 

A striking feature is that all mutants display a higher absolute value for the 

Brønsted coefficient, compared to wild type (Table 5.1). This means that any 
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mutation in the active site renders the transition state more dissociative. It seems as 

though the enzyme has evolved to bind its substrate optimally in an associative-like 

transition state which is in agreement with the triester-like mechanism proposed in 

section 6.2.  

 

Table 5.1 

Brønsted dependence of kcat for active site mutants of RNase T1 

RNase T1 Brønsted coefficient 

wild type - 0.53 

Tyr38Phe - 0.74 

His40Ala - 1.22 

Glu58Ala - 0.91 

His92Gln - 0.59 

Phe100Ala -0.60 

Kinetic measurements were performed at pH 6.0, 35 °C, IS 0.1 M.  

 

The hydroxyl group of Tyr38 hydrogen bonds with the pro-RP oxygen in the 

transition state (Loverix S. et al., 1998b). This interaction stabilizes negative charge 

accumulation on the pro-RP oxygen. Removal of the hydroxyl group in the Tyr38Phe 

mutant results in a smaller amount of negative charge build-up on the pro-RP 

oxygen. It is conceivable that, if the total amount of negative charge in the transition 

state remains the same upon mutation, the negative charge that can no longer 

accumulate on the pro-RP oxygen will do so on the 5’-leaving oxygen.  

The highest Brønsted value is obtained for the His40Ala mutant of RNase T1, 

a residue that is likely to stabilize charge build-up on the 2’-attacking oxygen upon 

catalysis. Evidence for this comes from four independent crystal structures of RNase 

T1 complexed with the minimal substrate 3’-GMP (Heydenreich A. et al., 1993; 

Gohda K. et al., 1994; Zegers I. et al., 1994; Zegers I. et al., 1998) and molecular 

dynamics simulations (Cordes F. et al., 1995). Also, Davis and colleagues (Davis 

A.M. et al., 1988a) described the charge distribution in base-catalyzed hydrolysis of 

aryl uridine 3’-phosphates and concluded that, in the transition state, there is a 
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charge development on the attacking 2’-oxygen. The protonated His40 is ideally 

positioned to stabilize this negative charge on the 2’-oxygen and thereby activate the 

substrate, facilitate the abstraction of a proton from the 2’-OH and stabilize the 

transition state. In the reaction catalyzed by the His40Ala mutant, less negative 

charge can accumulate on the 2’-oxygen, but the experimentally observed Brønsted 

value suggests that this charge accumulates on the 5’-leaving oxygen instead. If the 

catalytic function of His40 is to lower the pKa of the nucleophilic 2’-OH, than the latter 

will display a higher pKa in complex with the His40Ala mutant than with wild type. 

Consequently, secondary isotope effects on phosphodiester hydrolysis show more 

bond cleavage with the leaving group as the pKa of the attacking nucleophile 

increased (Cleland W.W., 1990). The 2’-OH is a stronger nucleophile (it is more 

negatively charged) in the His40Ala mutant and is sensed from further away, with the 

result that more bond cleavage with the leaving group occurs. The 2’-OH is a weaker 

nucleophile in wild type RNase T1 and must penetrate closer to phosphorus for its 

effect to be felt, so that at the transition state there is less bond cleavage to the 

leaving group.  

The Brønsted value for Glu58Ala RNase T1 indicates appreciably more 

charge build-up on the 5’-leaving oxygen, as compared to wild type. This could 

originate from a lack of charge stabilization at either the pro-SP oxygen or the 2’-

oxygen. If Glu58 is responsible for triester-like phosphoryl transfer catalysis by 

RNase T1 (section 6.2), then Glu58Ala RNase T1 will bind a transition state which is 

less triester-like than the one bound by wild type enzyme. The reaction catalyzed by 

Glu58Ala will therefore be less associative, with more charge development on the 

leaving oxygen. Moreover, the Glu58Ala mutant exhibits an altered reaction 

mechanism in which a deprotonated His40 replaces Glu58 as the general base 

(Steyaert J. et al., 1990). Consequently, in the Glu58Ala mutant, His40 can not fulfill 

its presumed role as a quencher of negative charge on the 2’-oxygen or lower its 

pKa, resulting in a more dissociative transition state.  

Finally, the Brønsted values for the His92Gln and the Phe100Ala mutants are 

only marginally larger than for wild type RNase T1. This finding is contrary to the 

expectation that His92, being the general acid involved in protonation of the leaving 

group, would stabilize charge accumulation on the 5’-leaving oxygen in the transition 
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state. It would be instructive to know the Brønsted value for the spontaneous 

uncatalyzed reaction. This would require rate measurements at elevated 

temperatures and subsequent extrapolation to 35 °C (in order to compare the results 

with those presented in Table 5.1). In the absence of such data, uncertainty remains 

about the catalytic importance of negative charge stabilization at the 5’-leaving 

oxygen by RNase T1. However, the experiments by Davis and colleagues (Davis 

A.M. et al., 1988b) do show a significant charge stabilization in the case of RNase A, 

if compared to base- and imidazole-catalyzed reactions. Presuming that the 

experimentally obtained Brønsted constants for base- and imidazole-catalyzed 

cleavage of arylphosphates are also valid for the substrates with higher pKa values 

used in this study, RNase T1 does not seem to provide a substantial charge 

stabilization at the leaving oxygen, as compared to RNase A. Studies with 

thiosubstituted substrates on the other hand indicate charge stabilization at the 

equatorial oxygens for RNase T1 (Loverix S. et al., 1998b; Loverix S. et al., 2000), 

but not for RNase A (Herschlag D., 1994). Apparently the two enzymes differ in the 

degree at which they stabilize negative charges on the equatorial and apical oxygens 

of the TBP transition state. 

7.3 Experimental procedures 

The substrates were prepared enzymatically by incubating 2’,3’-cGMP with 

wild type RNase T1 in water/alcohol mixes (60/40 v/v %). They were subsequently 

purified via reversed phase HPLC on a preparative column (Hypersil ODS, RP-C18, 

5 µm) using an isocratic flow of 10 mM ammonium acetate buffer containing 4 % v/v 

acetonitrile. Kinetic analysis was done via HPLC as described in section 4.7.  
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8 Conclusions 

When I started my doctoral work on the structure-function relationship of 

RNase T1, the apparent energetic contributions of catalytic residues were known. 

From site-directed mutagenesis studies, the apparent contributions of Tyr38, His40, 

Glu58, His92 and Phe100 (Figure 8.1 and Table 8.1) to catalysis had been 

determined. It had been established that Glu46 contributes to substrate binding via a 

double hydrogen bond to the guanine base. Fast turnover and slow substrate 

dissociation render RNase T1 a perfect enzyme (see introduction).  

Figure 8.1 Ball and stick representation of wild type RNase T1 complexed with the 

minimal substrate 3’-GMP. Oxygen atoms are coloured red, nitrogen atoms 

blue and carbon atoms black in the protein and green in the guanosine. 

Hydrogen bonds are represented by thin lines. Coordinates were taken from 

Zegers et al. (1994).  
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Part of the doctoral study has focussed on the contributions of aromatic 

stacking by Tyr42 and Tyr45 to guanine binding (section 3). We have also 

reinvestigated the energetics of RNA catalysis and found that the hydrolysis step is 

essentially the reversal of the transphosphorylation reaction (section 2). From this 

study the effective concentration of the 2’-OH nucleophile could be determined to be 

107 M.  

Although a quantitative inventory of energetic contributions by catalytic side 

chains was available, it was not quite clear which were the intermolecular partners of 

these catalytic residues on the substrate. This problem has been tackled in the 

present thesis by thiosubstitution of the nonbridging oxygens and a LFR-study of the 

leaving oxygen. The hydroxyl group of Tyr38 was found to donate a hydrogen bond 

to the pro-RP oxygen in the transition state (section 4). The Tyr38Phe mutation 

renders RNase T1 specific for RP phosphorothioate RNA. It has been established 

that Glu58 and Phe100 contribute to the turnover of phosphodiesters through 

interactions with the pro-SP oxygen of the TBP structure (section 5). The 

identification of intermolecular contacts between the pro-SP oxygen and Glu58 

implies a triester-like mechanism, rather than a classical acid-base mechanism for 

RNase T1-catalyzed phosphoryl transfer (section 6). Moreover, these studies have 

led to a new mechanistic proposal involving a catalytic three-centered hydrogen 

bond. The LFR-study on the leaving oxygen has illustrated how mutational effects 

can be propagated through the substrate (section 7). We found that the charge 

distribution on the equatorial and apical oxygens in the TBP transition state is readily 

perturbed upon mutation of an active site residue.  

From transition state theory (Lienhard G.E., 1973), one can define an 

apparent equilibrium dissociation constant KTS connecting the enzyme-catalyzed to 

the uncatalyzed reaction (equation 1.3). The uncatalyzed rate of UpA cleavage was 

found to be 5 10-9 s-1 at pH 6.0 and 25°C (Thompson J.E.  et al., 1995). 

Consequently, a good estimate for KTS for the RNase T1-catalyzed cleavage of GpU 

is 3 10-15 M, which is mirrored by a free energy of about 20.2 kcal/mol. The sum of 

energetic contributions of the individual side chains exceeds this value by 5.7 

kcal/mol (Table 8.1). A proper estimate of the totality of side chain contributions is 

indeed difficult because of non-additivity. The energetic contributions of His40, Glu58 
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and His92 are highly cooperative (Steyaert J. & Wyns L., 1993). An estimate of the 

cooperative contribution of these three side chains to the transphosphorylation of 

GpU is 7.8 kcal/mol, bringing the sum of contributions to 20.4 kcal/mol which is close 

to the 20.2 kcal/mol derived from KTS. At present, we believe that our map of the 

intermolecular interactions governing RNase T1 its catalytic properties is almost 

complete. Thus, the origin of catalysis by RNase T1 can be traced to regular 

intermolecular interactions in the transition state (e.g. hydrogen bonds, van der 

Waals contacts). There is no need to invoke the existence of low barrier hydrogen 

bonds (Cleland W.W. et al., 1998) or important medium effects (Cannon W.R. & 

Benkovic S.J., 1998).  

 

Table 8.1 

Inventory of the catalytic contributions of active site side chains of 

RNase T1 for the transphosphorylation of GpU.  

side chain 

mutation 

DGapp 

kcal/mol 

reference 

Tyr38Phe 2.6 (Steyaert J. et al., 1991) 

His40Ala 5.4 (Steyaert J. et al., 1991) 

Glu58Ala 2.4 (Loverix S. et al., 1998b) 

His92Gln 5.5 (Steyaert J. et al., 1991) 

Phe100Ala 3.8 (Loverix S. et al., 1998b) 

subsite 6.3 see addendum 

total 25.9  

Apparent free energies were calculated as DGapp = RTln(kcat/Km
mutant/ kcat/Km

wild type).  
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Perspectives 

Though progress has been made, not all individual interactions in the 

transition state have been mapped. In order to finalize the picture of intermolecular 

interactions, the following approaches are suggested. Thiosubstitution of the 2’-

oxygen could establish the presumed interaction of this oxygen with His40, which 

would definitely rule out the hypothesis of this residue interacting with an equatorial 

oxygen. The removal of the Phe100 side chain in the Phe100Ala mutant is a rather 

drastic perturbation of the active site. It would be interesting to replace Phe100 by a 

fluoro-phenylalanine, with the fluor atom on the ortho-, meta-, or para-position. Such 

an ‘atomic’ mutation offers the advantage that it is quasi isosteric, yet sufficiently 

perturbs the local polarizability to generate a detectable kinetic effect. The use of 

nonnatural amino acids may also be useful to probe the role of Arg77.  
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Addendum : Contribution of a subsite to transition state 

stabilization 

RNase T1 contains a subsite that, by interacting with the leaving nucleoside N 

of GpN dinucleoside phosphate substrates, contributes to catalysis (Walz F.G. et al., 

1979; Steyaert J. et al., 1991; Steyaert J. et al., 1991). The kcat values for 

transphosphorylation depend dramatically on the nature of the leaving group 

whereas the equilibrium dissociation constants are very similar (see Table below). 

Similar observations were made for RNase A (Witzel H. & Barnard E.A., 1962).  

 

Table  

Dependence of the steady-state kinetic parameters for the wild type RNase 

T1-catalyzed transphosphorylation reaction on the nature of the leaving 

group 

Substrate Ks Km kcat kcat/Km 

 µM µM s-1 mM-1.s-1 

GpCa 30 216 394 1824 

GpAa 56 78 92 1176 

GpU 33 33 33 1000 

GpRiba 100 100 10.5 105 

GpEGb / / / 1.99 

GpMe 39 39 0.032 0.82 

GpHb 29 29 0.001 0.035 

Only the GpC reaction obeys Briggs-Haldane kinetics (Km>Ks).  
a Kinetic parameters have been taken from (Steyaert J. et al., 1992) and adjusted for e = 

19330 M-1cm-1 (Pace C.N. et al., 1995). 
b kcat/Km values are averaged from the data in Tabel 2.1. Equilibrium dissociation constant 

has been taken from (Walz F.G.Jr., 1992).  

 

The RNase T1 subsite contains the side chains of Asn36 which interacts with 

the ribosyl part of the substrate and Asn98, that is in part responsible for the 

preference of cytosine (Steyaert J. et al., 1992). The kinetic data presented in 
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section 2.2 allow evaluation of the total contribution of the subsite interactions to the 

stabilization of the transition state for the catalyzed reaction. From the ratio of the 

second-order rate constants for the RNase T1-catalyzed cyclization of GpC and 3’-

GMP (Loverix S. et al., 1998a), interactions of the enzyme with the leaving cytidine 

are found to reduce the activation energy for chemical turnover by about 6.6 

kcal/mol. Taking into account that H2O (pKa = 15.7) is a worse leaving group than 

cytidine (pKa » 14.8), a corrected value (section 7) for the subsite contribution to 

catalysis is 6.4 kcal/mol. Likewise, from the second-order rate constants of 3’-GpMe 

and 3’-GMP, the catalytic contribution of binding the methyl group is 2 kcal/mol, 

which equals the van der Waals energy of a methylene group (Fersht A.R., 1985).  
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Summary 

RNase T1 cleaves single-stranded RNA specifically after guanosine via a 

transphosphorylation reaction (cyclization) yielding a 2’,3’-cyclic phosphate that is 

hydrolyzed by a water molecule to a 3’-phosphate in a separate step (hydrolysis). 

The transphosphorylation reaction consists of a nucleophilic displacement at 

phosphorus of the 5’-leaving group by the entering 2’-oxygen. The transition state is 

postulated to be pentacovalent resembling a trigonal bipyramid (TBP). Knowledge of 

enzymology requires detailed mapping of the intermolecular interactions between 

enzyme and substrate in the ground state and the transition state of the catalyzed 

reaction. A combination of site-directed mutagenesis in the enzymic active site and 

chemical modification of the substrate can achieve this. If the effect of a mutation on 

the kinetic parameters changes upon substrate modification, this points to an 

interaction between the side chain and the part of the substrate under investigation 

(section 1.4).  

The transphosphorylation catalyzed by RNases is reversible whereas the 

subsequent hydrolysis step is considered to be quasi irreversible. Intermediate 

trapping and isotope exchange experiments demonstrate that hydrolysis is readily 

reversible, the latter provides a direct measurement of the rate constant for the 

reversed reaction (section 2). Starting from 2’,3’-cGMP in an water/alcohol mixture, 

RNase T1 catalyzes the formation of both 3’-GMP and the alkylester of 3’-GMP, as 

well as the corresponding reversed reactions. The second-order rate constants for 

these four transfer reactions were determined and corrected for the concentration of 

the attacking water/alcohol. It turned out that the equilibrium constants for 

alcoholysis and hydrolysis are quite similar, approaching 1 M. This means that the 

hydrolysis step is essentially the reversal of the transphosphorylation and that 

RNases are transferases rather than hydrolases. These results allow us to estimate 

the effective concentration of the 2’-hydroxyl nucleophile in RNA at 107 M.  

It has been established that Tyr42, Tyr45, and Glu46 take part in a structural 

motive that renders guanine specificity to RNase T1. Glu46 hydrogen bonds the 

guanidinium part of the base that is stacked between the phenolic side chains of 

Tyr42 and Tyr45. The impact of Tyr42, Tyr45, and Glu46 substitutions on the 
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guanine specificity of RNase T1 has been determined (section 3). The Tyr42Ala and 

Glu46Ala mutations profoundly affect substrate binding. No such effect is observed 

for the Tyr45Ala mutant. The kinetics of the Tyr42Ala+Tyr45Ala and 

Tyr42Ala+Glu46Ala double mutants show that these pairs of residues contribute to 

guanine specificity in a mutually independent way. The remarkable effect of the 

Tyr42Ala mutant on binding (5.4 kcal/mol) suggests that the energetic contribution of 

aromatic face-to-face stacking interactions may be significant if polycyclic molecules, 

such as guanines, are involved.  

Internucleotidic phosphorothioate diastereomers (RP,SP) resulting from 

substitutions of one nonbridging phosphoryl oxygen with sulfur are common tools to 

investigate reaction stereochemistry and protein-nucleic acid interactions. I have 

used thiosubstituted substrates to probe the catalytic interactions with the 

nonbridging oxygens that take up equatorial positions in the TBP transition state. 

The use of an RP phosphorothioate analogue of the model substrate GpU reveiled a 

catalytic hydrogen bond between the pro-RP oxygen and the hydroxyl group of Tyr38 

(section 4). This hydrogen bond contributes 2.6 kcal/mol to catalysis. From the thio-

effect on the other active site mutants of RNase T1, it can be concluded that the RP 

thiosubstitution renders the transition state slightly more dissociative, with more 

charge development on the apical oxygens. Wild type RNase T1 prefers RP to SP 

thiosubstituted RNA by a factor of 6 104. This value decreases to 17 for Phe100Ala 

RNase T1 and even to 0.7 for the Glu58Ala mutant (section 5). Together with the 

large SP thio-effect observed for wild type RNase T1, these observations strongly 

suggest protonation of the pro-SP oxygen in the transition state. This means that 

RNase T1 follows a triester-like mechanism rather than the classical acid-base 

mechanism (section 6). This study lead to the proposal of a catalytic three-centered 

hydrogen bond between 2’-OH, the pro-SP oxygen and one of the carboxylate 

oxygens of the general base Glu58, allowing nucleophilic attack on an activated 

phosphate in concert with general base catalysis.  

Catalytic interactions with the 5’-leaving oxygen were probed via LFR’s. When 

the rates for nucleophilic attack on a series of esters is plotted against the pKa of the 

leaving group, a linear relationship (LFR) is observed. The slope of such a curve 

(Brønsted constant) measures the amount of negative charge accumulation on the 
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leaving 5’-oxygen in the transition state. The Brønsted constants for wild type RNase 

T1 and a series of active site mutants have been determined (section 7). All mutants 

display higher Brønsted values than the wild type enzyme, which suggests that 

RNase T1 has evolved towards an associative-like transition state. The impact of 

distant active site mutations on the charge development at the leaving 5’-oxygen 

illustrates the propagation of mutational effects via the substrate. RNase T1 has a 

subsite that contributes to catalysis through interactions with the leaving group. From 

the Brønsted dependence of wild type enzyme and the kinetic data on the reversed 

reaction (section 2) the total contribution of the subsite to catalysis can be 

determined and amounts to 6.4 kcal/mol.  
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Samenvatting 

RNase T1 knipt enkelstrengig RNA specifiek na guanosine door een 

transfosforylatie (cyclisatie) reactie met vorming van een 2’,3’-cyclisch fosfaat dat 

door een watermolecule gehydrolyseerd wordt tot een 3’-fosfaat in een aparte stap 

(hydrolyse). De transfosforylatie behelst een nucleofiele verplaatsing aan het 

fosforatoom van de 5’-uittredende groep door het aanvallende 2’-zuurstofatoom. De 

transitietoestand is pentacovalent trigonaal bipyramidaal. Kennis van enzymologie 

vereist het gedetailleerd in kaart brengen van de intermoleculaire interacties tussen 

enzym en substraat in de grondtoestand en de transitietoestand van de 

gekatalyseerde reactie. Dit kan worden bekomen d.m.v. het gecombineerd gebruik 

van plaatsgerichte mutagenese in de actieve site van het enzym en chemische 

modificatie van het substraat. Indien het effect van een mutatie op de kinetische 

parameters wijzigt o.i.v. een substraatmodificatie, dan wijst dit op een interactie 

tussen de betreffende zijketen en het betreffende substraatatoom (sectie 1). 

De transfosforylatie gekatalyseerd door RNasen is reversibel terwijl de 

hieropvolgende hydrolyse als quasi irreversibel wordt beschouwd. ‘Intermediate 

trapping’ en ‘isotope exchange’ experimenten demonstreren dat de hydrolysestap 

vlot reversibel is en geven een directe meting van de snelheidsconstante van de 

omgekeerde reactie (sectie 2). Vertrekkende van 2’,3’-cGMP in een water/alkohol 

mengsel, katalyseert RNase T1 de vorming van zowel 3’-GMP, de alkylester van 3’-

GMP en de omgekeerde reacties. De tweede-orde snelheidsconstantes voor deze 

vier transferreacties werden bepaald en gecorrigeerd voor de concentratie van het 

aanvallende water/alkohol. Hieruit bleek dat de evenwichtsconstantes voor 

alkoholyse en hydrolyse gelijkaardig zijn (~ 1 M). Dit betekent dat de hydrolyse stap 

essentieel het omgekeerde is van de transfosforylatie en dat RNasen transferasen 

zijn, eerder dan hydrolasen. Deze resultaten laten toe de effectieve concentratie van 

de 2’-hydroxyl groep in RNA te schatten op 107 M.  

Tyr42, Tyr45, en Glu46 vormen een structureel motief dat RNase T1 specifiek 

maakt voor guanine. Glu46 vormt een waterstofbrug met het guanidinium gedeelte 

van de base die gestacked zit tussen de fenolische zijketens van Tyr42 en Tyr45. De 

impact van de Tyr42, Tyr45 en Glu46 substituties op de guanine specificiteit van 
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RNase T1 werd bepaald (sectie 3). De Tyr42Ala en Glu46Ala mutaties verstoren 

grondig de substraatbinding. Dit is niet zo voor de Tyr45Ala mutant. De kinetieken 

van de Tyr42Ala+Tyr45Ala en Tyr42Ala+Glu46Ala mutaties tonen aan dat deze 

zijketens onafhankelijk van elkaar bijdragen tot substraatbinding. Het opmerkzame 

effect van de Tyr42Ala mutatie op de binding (5.4 kcal/mol) wijst erop dat de 

energetische bijdrage van aromatische stackinginteracties zeer significant kan zijn 

wanneer polycyclische moleculen zoals guanines betrokken zijn.  

RNA fosforothioaat diastereomeren (RP,SP) bekomen na substitutie van een 

niet-veresterd zuurstofatoom door zwavel worden gebruikt om de stereochemie van 

reacties en proteïne-nucleïnezuur interacties te onderzoeken. Ik heb gebruik 

gemaakt van thiogesubstitueerde substraten om katalytische interacties met de niet-

veresterde zuurstofatomen die equatoriale posities innemen in de trigonaal 

bipyramidale transitietoestand te identificeren. Het gebruik van een RP fosforothioaat 

analoog van het modelsubstraat GpU ontsluierde een katalytische waterstofbrug 

tussen het pro-RP zuurstofatoom en de hydroxylgroep van Tyr38 (sectie 4) Deze 

waterstofbrug draagt 2.6 kcal/mol bij tot katalyse. Van het thio-effect op de overige 

actieve site mutanten van RNase T1 werd duidelijk dat de RP-thiosubstitutie de 

transitietoestand meer dissociatief maakt met een verhoogde ladingstoename op de 

apicale zuurstofatomen. Natief RNase T1 verkiest RP boven SP phosphorothioaat 

RNA met een faktor 6 104. Deze waarde daalt tot 17 voor Phe100Ala RNase T1 en 

zelfs tot 0.7 voor Glu58Ala RNase T1 (sectie 5). Samen met het grote SP thio-effect 

voor natief RNase T1 duiden deze observaties op een protonatie van het pro-SP 

zuurstofatoom in de transitietoestand. Dit impliceert dat RNase T1 een triesterachtig 

mechanisme volgt i.p.v. het klassieke zuur-base mechanisme (sectie 6). Een 

katalytische drie-gecenterde waterstofbrug tussen 2’-OH, het pro-SP zuurstofatoom 

en één van de carboxylaat zuurstofatomen van de katalytische base Glu58 zou een 

nucleofiele aanval op een geactiveerde fosfaat geconcerteerd kunnen laten verlopen 

met ‘general base’ katalyse.  

De katalytische interacties met het 5’-zuurstofatoom werden onderzocht 

d.m.v. LFR’s. Het logaritme van de snelheidsconstante voor een nucleofiele aanval 

op een ester is omgekeerd evenredig met de pKa van de uittredende groep. De 

richtingscoëfficiënt van zulke rechte (Brønsted constante) is een maat voor de 
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hoeveelheid negatieve lading die accumuleert op het 5’-uittredende zuurstofatoom in 

de transitietoestand. De Brønsted constantes voor natief RNase T1 en een reeks 

actieve site mutanten werden bepaald (sectie 7). Alle mutanten vertonen hogere 

Brønsted waarden dan het natief enzym, hetgeen suggereert dat RNase T1 

geëvolueerd is naar een associatieve transitietoestand. Het effect van de mutaties 

op de ladingsontwikkeling op het 5’-zuurstofatoom illustreert de propagatie van 

mutationele effecten via het substraat. RNase T1 bezit een subsite die bijdraagt tot 

katalyse door interacties met de uittredende groep. Van de Brønsted-afhankelijkheid 

van natief enzym en de kinetische data voor de omgekeerde reactie (sectie 2) kan 

de totale bijdrage van de subsite tot katalyse worden geschat op 6.4 kcal/mol. 
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